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ABSTRACT
Amphibians are the most threatened taxon on the planet. Declines have been associated
with over-exploitation, habitat loss, pollution, and pathogenic diseases, but of these factors,
pollution and disease have been relatively under-studied. Here, I investigated: 1) the impacts of
commonly used pesticides on aquatic communities, 2) the effect of these pesticides on amphibian
susceptibility to the pathogenic chytrid fungus, Batrachochytrium dendrobatidis (Bd), and 3)
whether there are non-amphibian hosts of Bd and 4) how to best quantify the survival of Bd
through ontogeny of the host.
In my first research chapter, I quantified the effects of environmentally relevant
concentrations of the mot commonly used synthetic fungicide in the US, chlorothalonil, on 34
species-, 2 community- and 11 ecosystem-level responses in a multitrophic-level system.
Chlorothalonil increased mortality of amphibians, gastropods, zooplankton, algae, and a
macrophyte (reducing taxonomic richness), reduced decomposition and water clarity, and
elevated dissolved oxygen and net primary productivity. These ecosystem effects were indirect
but were predictable based on changes in taxonomic richness. A path analysis suggests that
chlorothalonil-induced reductions in biodiversity and top-down and bottom-up effects facilitated
algal blooms that shifted ecosystem functions.
In my second chapter, I investigated how a wide range of ecologically relevant
concentrations of chlorothalonil affected four species of amphibians (Osteopilus septentrionalis,
Rana sphenocephala, Hyla squirella and H. cinerea). I also evaluated the effects of chlorothalonil
on liver tissue, immune cell density, and the stress hormone, corticosterone. Chlorothalonil killed
nearly every amphibian at the expected environmental concentration (EEC) and, at concentrations
to which humans are commonly exposed (up to the EEC), it was associated with elevated
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corticosterone levels and changes in immune cells. Three species (O. septentrionalis, R.
sphenocephala, and H. cinerea) showed a non-monotonic dose-response, with low and high
concentrations causing significantly greater mortality than intermediate concentrations and
controls. Corticosterone exhibited a similar non-monotonic dose response and chlorothalonil
concentration was inversely associated with liver tissue and immune cell densities. These studies
on chlorothalonil emphasize the need to re-evaluate its safety and to further link anthropogenicinduced changes in biodiversity to altered ecosystem functions.
In my third research chapter, I investigated the effects of chlorothalonil and atrazine, one
of the most commonly used herbicides in the US, on amphibian susceptibility to Bd, a leading
cause of amphibian extinctions. Relative to controls, atrazine monotonically reduced Bd growth
in culture and on tadpoles. In contrast, chlorothalonil non-monotonically reduced Bd growth in
culture and on tadpoles, with low and high concentrations causing significantly greater mortality
than intermediate concentrations and controls. This study is one of only a handful of studies to
document a non-monotonic dose response of an invertebrate (Bd) to a pesticide. Although both
pesticides reduced Bd growth on tadpoles and in culture, neither eliminated Bd entirely, and
because we know little about the long-term effects of the pesticides on hosts (e.g.,
immunosuppression), I do not recommend using these chemicals to control Bd.
In my fourth research chapter, I investigated whether there are non-amphibian hosts for
Bd. Non-amphibian hosts could explain how Bd is able to persist in the environment after
amphibians are extirpated, and the extreme virulence and distribution of Bd. In laboratory and
field studies, I found that crayfish, but not mosquitofish, were hosts for Bd. I found that crayfish
could be infected with Bd, could maintain that infection long term (at least 3 months) and could
transfer that infection to susceptible amphibians. I also revealed that exposure to water that
previously held Bd caused significant crayfish mortality and gill recession, suggesting that Bd
releases a chemical that can cause host pathology in the absence of infection. Most efforts to
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conserve and restore amphibian populations challenged by Bd have been unsuccessful, but
managing alternative hosts offers a new and potentially more effective approach to managing Bd.
Likewise, identifying the specific pathology-inducing chemical released by Bd might facilitate
the development of new strategies to reduce the risk posed by this pathogen.
The fifth and sixth research chapters are aimed to improve the quality and efficiency of
Bd research. During amphibian development, Bd infections transition from the mouthparts of
tadpoles to the skin of post-metamorphic frogs but this transition has never been quantified and
thus researchers might be sampling the wrong parts of amphibian bodies to detect Bd. I showed
that Bd abundance in O. septentrionalis mouthparts declined from Gosner stages 35-42 and
increased on epidermis from Gosner stages 38-46. Assuming our findings are general across
species, I recommend sampling mouthparts of amphibians less than Gosner stage 41 and hind
limbs of amphibians greater than Gosner stage 41. This should provide researchers with guidance
on where to sample to maximize detection of Bd.
I also investigated whether Trypan blue dye could be used to determine the viability of
Bd. I showed that the proportion of zoospores stained with Trypan blue dye matched the
proportion of known dead zoospores added to cultures. In contrast, all of the zoosporangia stage
(including known dead zoosporangia) of Bd stained blue. These results demonstrate that Trypan
blue can be used to determine the viability of Bd zoospores but not zoosporangia. I recommend
using Trypan blue to report the number of live zoospores to which hosts are exposed and to help
determine whether factors have lethal or sublethal effects on Bd.
My work demonstrates that managing exposure to contaminants and biological reservoirs
for Bd might provide new hope for imperiled amphibians. Further exploring how pesticides and
pathogens are contributing to amphibian declines will allow us to formulate crucial management
and conservation plans to begin remediation.
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INTRODUCTION
We are in the midst of the sixth mass extinction event on our planet. Conservation
researchers should focus on the most heavily impacted taxonomic groups and identify the
chief contributors to their declines so that we can develop impactful conservation
management plans. Amphibians are the most threatened taxon on the planet, with over
32% of species threatened and at least 43% experiencing population declines (Stuart et al.
2004). Despite these unprecedented global declines, amphibians are still one of the least
studied vertebrate taxa in conservation science (Lawler et al. 2006). Amphibian declines
have been associated with over-exploitation, habitat loss, climate change, pollution, and
pathogenic diseases, but pollution and disease have been relatively under-studied in
conservation science compared to over-exploitation and habitat loss (Lawler et al. 2006).
Pollution is one of the most diverse and widespread abiotic factors affecting
amphibious and aquatic organisms. One of the challenges of understanding the impacts of
pollution on biota is the sheer number of chemicals and potential chemical mixtures: over
100,000 registered chemicals exist in the European Union alone (EU 2001), many of
which have not been tested for adverse biological effects. Though many pesticides are
designed to kill specific biota (van Dijk and Guicherit 1999), they can affect non-target
taxa, sometimes non-monotonically (see Rohr and McCoy 2010). Many of the
agrochemicals that have been tested on amphibians are not lethal at or below expected
environmental concentrations (Mann and Bidwell 1999, Relyea 2005, Rohr et al. 2006b).
However, there can be prominent sublethal (e.g., immunosuppression) and indirect
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effects (e.g. reduced growth; Daszak et al. 2003, Rohr and Crumrine 2005, Rohr et al.
2006a, Rohr 2009). Furthermore, agrochemicals can have wide ranging effects because
they can travel great distances from their point of application (e.g. see Chernyak et al.
1996), including into amphibian-inhabited water bodies (Rohr et al. 2003, 2004).
Here, I studied the effects of two of the most commonly used pesticides in the United
States: atrazine and chlorothalonil. Both chemicals are relatively mobile and have been
found commonly in ground water, runoff, and precipitation, and have even been found
above the Arctic Circle, albeit at low concentrations (van Dijk and Guicherit 1999).
Atrazine is an herbicide that disrupts photosynthesis. It is a relatively persistent pesticide
compared to other current-use pesticides, and though its half-life varies considerably
based on environmental factors, it can be greater than three months (deNoyelles et al.
1989). Although it does not typically cause amphibian mortality at its expected
environmental concentration (EEC), the sublethal effects of atrazine on amphibians are
well documented (Rohr and McCoy 2010). Chlorothalonil, one of the most commonly
applied fungicides, is used to control blights, leaf spot, and mildews on crops, such as
potatoes, peanuts, and tomatoes (Caux et al. 1996). It has a half-life reported up to 150h
but its breakdown products, which are often more toxic than the parent compound, can be
much more persistent (e.g. weeks to months: Caux et al. 1996). Chlorothalonil has been
detected at high levels in Latin American mountains (Daly et al. 2007), coinciding with
many amphibian declines (Stuart et al. 2004).
Amphibian declines are not only associated with exposure to pesticides (Davidson
et al. 2001, Davidson et al. 2002) but also with exposure to pathogens. Batrachochytrium
dendrobatidis (Bd) is a pathogenic chytrid fungus that causes the disease
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chytridiomycosis and is implicated in the declines and extinctions of hundreds of
amphibian species worldwide (Lips et al. 2006, Skerratt et al. 2007, Rohr et al. 2008,
Wake and Vredenburg 2008, Briggs et al. 2010, Vredenburg et al. 2010, Cheng et al.
2011). Bd is generally thought of as an amphibian specialist, but it is able to persist
without amphibian hosts (Longcore et al. 1999, Johnson and Speare 2003). This
persistence in the absence of amphibians could prevent successful amphibian
reintroductions after populations are extirpated (Mitchell et al. 2008). Bd is known to
persist on host keratin (Voyles et al. 2011) but it is also maintained in the laboratory on
media lacking keratin, such as tryptone. Thus, it is possible that there might be nonamphibian hosts of Bd, which possess keratin or keratin-like tissues. Indeed, numerous
vertebrate and invertebrate taxa possess keratin or keratin-like compounds in their
gastrointestinal tracts (Schaffeld and Marld 2004). Non-amphibian hosts of Bd could
serve as reservoirs and help explain the persistence of Bd after amphibian extirpations.
Reservoir hosts can sustain a parasite when other hosts are absent or resistant to infection
and can cause host population or species extinction (de Castro and Bolker 2005).
Recently, it was reported that Bd can be carried on algae (Johnson and Speare 2003),
terrestrial reptiles (Kilburn et al. 2011), waterfowl (Garmyn et al. 2012) and nematodes
(Shapard et al. 2012), but there is currently no evidence that these carriers actually
supported pathogen growth or transmission, which is necessary to explain the long-term
persistence of Bd in the absence of amphibians. Consequently, we lack studies that
demonstrate Bd growth on living, non-amphibian hosts, transmission of Bd from these
hosts to amphibians, and links between non-amphibian hosts and Bd prevalence in the
field.
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Organisms rarely face only one stressor at a time. Indeed, amphibian populations
must interact with many different factors, such as pesticides and aquatic pathogens.
Therefore, we need a better understanding of how these factors affect amphibians
separately and simultaneously. Exploring how pesticides and pathogens contribute to
amphibian declines will allow us to formulate crucial management and conservation
plans to begin remediation. Here, I investigated: 1) the impacts of commonly used
pesticides on aquatic communities, 2) the effect of these pesticides on amphibian
susceptibility to the pathogenic chytrid fungus (Bd), 3) whether there are non-amphibian
hosts of Bd, and 4) how to best quantify the survival of Bd through the ontogeny of the
host.
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CHAPTER 1: Fungicide-induced declines of freshwater biodiversity modify
ecosystem functions and services

Note to Reader:
This chapter has been previously published: McMahon, T. A., N. T. Halstead, S.
Johnson, T. R. Raffel, J. M. Romansic, P. W. Crumrine, and J. R. Rohr. 2012. Fungicideinduced declines of freshwater biodiversity modify ecosystem functions and services.
Ecology Letters 15:714-722. See Appendix A for the PDF of the published document,
Appendix B for the supplemental materials, and Appendix C to see the permission from
the publisher.
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CHAPTER 2: The fungicide chlorothalonil is nonlinearly associated with
corticosterone levels, immunity, and mortality in amphibians

Note to Reader:
This chapter has been previously published: McMahon, T. A., N. T. Halstead, S.
Johnson, T. R. Raffel, J. R. Romansic, P. W. Crumrine, L. B. Martin, R. K. Boughton,
and J. R. Rohr. 2011. Fungicide chlorothalonil is nonlinearly associated with
corticosterone levels, immunity, and mortality in amphibians. Environmental Health
Perspectives 119:1098-1103. See Appendix D for the PDF of the published document,
Appendix E for the supplemental materials, and Appendix F to see the permission from
the publisher.
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CHAPTER 3: Non-monotonic and monotonic effects of pesticides on the pathogenic
fungus Batrachochytrium dendrobatidis in culture and on tadpoles

AUTHORS
Taegan A. McMahon, John M. Romansic, and Jason R. Rohr

ABSTRACT
Pesticides and the pathogenic fungus, Batrachochytrium dendrobatidis (Bd), co-occur
and are implicated in the global decline of amphibians, a highly threatened taxon. Here,
we investigated the effects of ecologically relevant concentrations of chlorothalonil and
atrazine, two of the most commonly-used, immunomodulatory pesticides in the US, on
tadpole (Osteopilus septentrionalis) survival and Bd growth. Tadpole survival was
unaffected by the pesticides but was reduced by Bd. Atrazine monotonically (i.e.,
consistently increasing or decreasing) reduced Bd in culture and on tadpoles and every
concentration tested (0.0106-106µg/L) significantly reduced Bd growth compared to
controls. Chlorothalonil had a non-monotonic (i.e., non-linear) effect on Bd growth both
in culture and on tadpoles, where low (0.0176–1.76µg/L) and high (32–176µg/L)
concentrations inhibited Bd growth significantly more than did intermediate
concentrations (8.2-17.6µg/L) and controls. To our knowledge, this is one of only a
handful of studies to document a non-monotonic dose response of an invertebrate (Bd) to
a pesticide. Although both pesticides reduced Bd growth on frogs, neither cleared the
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infection entirely, and because we know little about the long-term effects of the pesticides
on hosts, we do not recommend using these chemicals to control Bd.

INTRODUCTION
Chemical contamination is one of the most diverse and widespread types of
abiotic factors affecting aquatic organisms. Despite the high-risk pollutants pose to the
environment and threatened species, they are still understudied (Lawler et al. 2006).
Some pesticides affect non-target taxa non-monotonically (i.e. non-linearly; e.g. see Rohr
and McCoy 2010b, McMahon et al. 2011); this makes it challenging to predict the effects
of contamination on species interactions, such as host-parasite interactions. This
challenge is particularly important for amphibians because their global declines have
been linked with both exposure to pesticides (Davidson et al. 2001, Davidson et al. 2002)
and pathogens, such as Batrachochytrium dendrobatidis (Bd), a chytrid fungus that
causes the disease chytridiomycosis and is implicated in the declines of hundreds
amphibian species (Skerratt et al. 2007).
Given that Bd is a fungus, fungicides, and perhaps other pesticides, might be
directly toxic to it (e.g. see Hanlon and Parris 2012), affecting amphibian-Bd interactions.
Moreover, several common pesticides, such as the most commonly used fungicide in the
US, chlorothalonil, and the second most commonly used herbicide in the US, atrazine
(Kiely et al. 2004), are documented immunomodulators that have been shown to have
non-monotonic effects on non-targeted taxa (Rohr and McCoy 2010b, McMahon et al.
2011, respectively). Hence, these common pesticides might affect amphibian-Bd
interactions in complex ways (as has been shown with other pesticides, see: Buck et al.
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2012), such as by linearly or non-linearly affecting Bd survival and/or affecting host
resistance to Bd.
Here, we examine the effects of chlorothalonil and atrazine on Bd growth in
culture and on tadpoles. Examining effects in culture allows us to isolate the direct effects
of the chemicals on Bd, whereas examining effects of the chemicals on Bd growth on
tadpoles allows us to capture the net effects of the chemicals on the hosts and parasites,
or, in other words, how the chemicals affect the host-parasite interaction. In culture, we
hypothesized that higher concentrations of both pesticides would decrease Bd growth,
and that the fungicide chlorothalonil would be more deadly to the fungus Bd than the
herbicide atrazine. However, we hypothesized that Bd growth in vivo would be a
function of both the direct effects of the pesticides on Bd and any immunomodulatory
effects of these chemicals on hosts (Rohr et al. 2008a). The directionality of this net
effect is difficult to predict, and thus we predicted that the pesticides would affect Bd
growth on the frogs without specifying directionality a priori.

Background on Pesticides. Atrazine and chlorothalonil are relatively mobile pesticides.
They have been commonly found in ground water, runoff, and precipitation, and they
have even been found above the Arctic Circle, albeit at low concentrations (van Dijk and
Guicherit 1999).
Atrazine is an herbicide that disrupts photosynthesis. Atrazine is a relatively
persistent pesticide compared to other current-use pesticides, and though its half-life
varies considerably based on environmental factors, it can be greater than three months
(deNoyelles et al. 1989). Atrazine does not typically cause amphibian mortality at its
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expected environmental concentration (EEC) but its sublethal effects on amphibians are
well documented (Rohr and McCoy 2010b).
Chlorothalonil is a fungicide used to control blights, leaf spot, and mildews on
crops, such as potatoes, peanuts, and tomatoes (Caux et al. 1996). Chlorothalonil has a
half-life that can be as long as 150h but its breakdown products, which are often more
toxic than the parent compound, can be much more persistent (Caux et al. 1996). It is one
of the most commonly used pesticides in Central America and has been detected at high
levels in Latin American mountains (Daly et al. 2007) where many amphibian declines
have occurred (Stuart et al. 2004). Chlorothalonil has been shown to cause significant
mortality in tadpoles at concentrations 10,000 times below the EEC (McMahon et al.
2011).

METHODS
Bd Culture and Inoculation
Bd inoculum was prepared by adding 1 mL of Bd stock (isolate SRS 812 isolated
from Rana catesbeiana from Savanna River Site, SC) cultured in 1% tryptone broth, to a
1% tryptone agar plate, which was incubated for 8 d at 23˚C. Just prior to experimental
inoculation, the plates were inspected to verify that zoospores were viable (motile). Each
plate was then flooded with 3 mL of ultrapure water to suspend the zoospores. This
zoospore suspension from all of the agar plates was homogenized, creating the Bd
positive (Bd+) inoculum. Zoospore density was counted with a hemocytometer. The Bd
negative (Bd-) inoculum was created at the same time using the same methods except that
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no Bd was added to the 1% tryptone agar plates. This process was repeated to create new
inocula weekly.

Effects of Pesticides on Bd Growth in Culture
This experiment measured the effects of chlorothalonil and atrazine on Bd growth
in culture after one and two weeks. Four concentrations of chlorothalonil (0.0176, 0.176,
1.76, and 17.6 µg/L) and atrazine (1.06, 10.6, 58, 106 µg/L; both pesticides were
technical grade, purity >98%, Chemservice, West Chester, PA) and two controls for each
pesticide (water and solvent: 500 ng/L acetone) were used. For both pesticides, a stock
solution dissolved in acetone was serially diluted to obtain the desired concentrations.
According to US Environmental Protection Agency GENEEC v2 software, the
approximate EEC for chlorothalonil and atrazine are 164 µg/L and 102 µg/L,
respectively. The actual concentration of the stock solution of chlorothalonil was 176
µg/L (verified by the Mississippi State Chemical Laboratory, spiked recovery
efficiencies: 95%) and of atrazine was 106 µg/L (verified with an ELISA kit; Abraxis
LLc.). Measured concentrations are thus used hereafter.
Inside a sterile, laminar-flow hood, 10 mL test tubes were filled with sterile 1%
tryptone broth, Bd+ inoculum, and stock solution of the randomly-assigned chemical
(chlorothalonil, atrazine, or water or solvent controls). The tubes were incubated at 23˚C
for either one or two weeks (n = 6 replicates/treatment/incubation time). Zoospore and
zoosporangia concentrations at one and two weeks were quantified by homogenizing the
sample and counting a 20 µL aliquot on a hemocytometer (averaging zoospore and
zoosporangia counts from four different fields of view).
13!
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Daily Effects of Pesticides on Bd Growth in Culture
This experiment investigated the effect of pesticides on daily Bd growth for 8 d.
Changes in Bd densities were quantified using a spectrophotometer (measured as change
in optical density) following the validated methods of Rollins-Smith et al. (methods
previously used by: Rollins-Smith et al. 2006). There were 10 treatments of each
pesticide created with a serial dilution from the same stocks used above (chlorothalonil:
0.000176, 0.00176, 0.0176, 0.176, 1.76, 8.8, 17.6, 35.2, 90.2, and 176 µg/L and atrazine:
0.011, 0.106, 1.06, 10.6, 23, 58, 77, 106, 159 and 212 µg/L) and two controls (water and
solvent: 500 ng/L acetone).
Bd+ and Bd- stocks were created for each concentration of pesticide and for each
control (n = 6 Bd+ replicates and n = 2 Bd- replicates for each pesticide concentration
and control). The Bd- treatment was used to control for the change in absorbance
associated with the pesticide concentration in the absence of Bd. Each stock was
composed of a pesticide (or control) treatment and a Bd+ or Bd- inoculum (Bd+
inoculum concentration: 5.6 x 105 zoospores/mL). In a sterile, laminar-flow hood, a 300
µL aliquot of each treatment (pesticide-by-Bd) was randomly placed in each of the 96
wells in the plate. Chlorothalonil and atrazine were loaded on separate plates with their
own respective controls. The plates were covered with an optical adhesive cover (Applied
Biosystems, Foster City, California, USA), sealed using a plastic applicator to prevent
evaporation or contamination, and stored at 23˚C. The absorbance of each well was read
in a 96-well plate reader (BioTek: EL808) at 490 nm at 0, 24, 48, 144, 168, and 192 h.
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Effects of Pesticides on Bd Growth on Tadpoles
Osteopilus septentrionalis (Cuban treefrog) tadpoles were collected from three
clutches naturally oviposited in outdoor wading pools (1.5 m diameter, 30 cm deep) at the
University of South Florida (USF) Botanical Gardens (N28˚03.537’ W082˚25.410’).
Tadpole clutches were completely mixed before being distributed among treatments in
the experiment. All tadpoles were Gosner stage 25 (Gosner 1960) and the average tadpole
weight at the start of the experiment was 0.086 ± 0.01 g (mean ± SEM from 10 randomly
selected tadpoles). We employed a completely randomized design with 144 500-mL glass
mason jars, each receiving 300 mL of artificial spring water (ASW; Cohen et al. 1980),
five tadpoles, and one of 24 pesticides treatments (described below). The jars were
maintained in a laboratory at USF at 23˚C and on a 14:10 light:dark cycle, and tadpoles
were fed boiled organic spinach ad libitum.
Four concentrations of each technical grade pesticide (purity for both was >98%,
Chemservice, West Chester, PA) and two controls for each pesticide (water and solvent:
500 ng/L acetone) were prepared. For both pesticides, a stock solution (the stock
solutions described above were also used in this experiment; pesticide dissolved in
acetone and diluted with water) was serially diluted to obtain the desired concentrations
(chlorothalonil: 0.0176, 0.176, 1.76, and 17.6 µg/L and atrazine: 1.06, 10.6, 58, 106
µg/L). The highest concentration of chlorothalonil used was 17.6 µg/L because
concentrations above 17.6 µg/L can be deadly to tadpoles (McMahon et al. 2011).
Half of the jars for each treatment received either 3 mL of Bd+ (final Bd
concentration in each Bd+ jar was 6.0 x 104 zoospores/mL) or 3 mL of Bd- inoculum (see
above for Bd inoculum methods). Thus, there were six atrazine and six chlorothalonil
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treatments (including two controls for each pesticide) crossed with the presence or
absence of Bd, resulting in 24 treatments (n = 6 replicates/treatment). The jars were dosed
approximately 30 min. before the tadpoles were added to give the chemical and Bd time
to diffuse through the water column. Water was changed weekly and tanks were re-dosed
at this time with the appropriate pesticide and Bd treatments. We re-dosed because both
of the long half-lives of each pesticide or their breakdown products (see “Background on
Pesticides” above). Dead tadpoles were preserved in 70% ethanol daily and the
experiment lasted for 28 d. At the end of the experiment, all surviving tadpoles were
euthanized in 1% benzocaine, weighed, and their mouthparts were removed and
preserved in 70% ethanol for quantification of Bd abundance with qPCR.
We followed the procedure described by Hyatt et al. (2007) to quantify Bd using
quantitative PCR (qPCR; with a StepOneTM Real-Time PCR System; Applied
Biosystems, Foster City, CA). DNA was extracted from the tadpole mouthparts with 40
µL of PrepMan Ultra (Applied Biosystems). The tissue was beat with 30 g of 0.5 mm
zirconia/silica beads (BioSpec Products Inc.) using a bead beater (Disruptornie, Scientific
Industries) for 45 s and then centrifuged at 13,000 rpm for 30 s (repeated two additional
times). All samples were diluted 1:100 to reduce PCR inhibition. We added TaqMan®
Exogenous Internal Positive Control Reagents (Applied Biosystems) to every reaction
well to assess inhibition of the PCR reaction (Hyatt et al. 2007) and any sample that was
inhibited was diluted to 1:1000 and rerun using the procedure described above.
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Statistical Analyses
No difference existed between the water and solvent controls for any of the
endpoints analyzed (P > 0.1), and so they were pooled into one “control” treatment for all
subsequent analyses.

Effects of Pesticides on Bd Growth in Culture: We conducted an analysis on each
pesticide separately using a general linear model, where the response variable was the
sum of zoospores and zoosporangia per field of view (mean of four fields of view), the
continuous predictor was pesticide concentration, and the categorical predictor was time
(one or two weeks). To determine which concentrations differed from one another, we
treated concentration as a categorical variable and conducted a Fisher’s least significant
difference (LSD) multiple comparison test.

Daily Effects of Pesticides on Bd Growth in Culture: We analyzed each chemical
separately. We conducted a regression analysis on Bd growth in culture where the area
under the absorbance-time curve (AUC, sum of all daily absorbance data), independent of
the effect of the pesticide on absorbance (see below for details), was the response
variable and log pesticide concentration was the continuous predictor. To control for the
effect of pesticide concentration on absorbance, we calculated the mean absorbance for
each pesticide concentration in the absence of Bd and subtracted that value from the
absorbance for each replicate of the same pesticide concentration that received Bd. The
log of this adjusted mean AUC value, which was independent of the effect of pesticide
concentration on absorbance, was used as the response variable. To determine which
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concentrations differed from one another, we treated concentration as a categorical
variable and conducted a Fisher’s least significant difference (LSD) multiple comparison
test.

Effects of Pesticides on Bd Growth on Tadpoles: Tadpole mortality was analyzed using a
Cox proportional hazards regression model (function: coxph) censoring tadpoles that
survived until the end of the experiment. We tested whether chemical type (atrazine,
chlorothalonil), chemical concentration (continuous predictor), or Bd treatment (Bd+ or
Bd-) affected mortality compared to the controls (see Dixon and Newman 1991 for
information on survival analysis). These analyses were conducted in R statistical software
(R Development Core Team 2010) in the survival package (Therneau and Lumley 2008).
To test for effects on log hours alive or log average tadpole mass, we conducted
an ANOVA fully crossing chemical type (atrazine, chlorothalonil), chemical
concentration (continuous predictor), and Bd treatment (Bd+, Bd-). To test for effects of
chemical type and concentration on Bd load, we conducted an ANCOVA fully crossing
chemical type (atrazine, chlorothalonil) and chemical concentration (continuous
predictor), with average tadpole mass as a covariate.
For both chemicals, if the dose-response appeared non-linear after transformation,
we conducted a polynomial regression to test for second- or third-order dose-response
relationship. Significance was p < 0.05 and all statistical analyses, with the exception of
the survival analyses, were conducted with Statistica v8.0 (Statsoft, Tulsa, OK).
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RESULTS
Effects of Pesticides on Bd Growth in Culture
Chlorothalonil and atrazine appeared to exhibit different dose-Bd abundance
relationships from one another and thus their effects were analyzed separately. Log
chlorothalonil concentration was quadratically associated with Bd abundance (log
concentration2: F1,32 = 6.08, p = 0.02, exposure duration: F1,32 = 7.30, p = 0.01; Figure
3.1A), with controls having significantly greater Bd abundance than every concentration
of chlorothalonil tested except for the highest concentration of 17.6 µg/L (Fisher LSD:
0.0176 µg/L: p = 0.0005, 0.176 µg/L: p = 0.005, 1.76 µg/L: p = 0.003, and 17.6 µg/L: p =
0.3). Log atrazine concentration was negatively and monotonically associated with Bd
abundance (log concentration: F1,33 = 4.21, p = 0.048), but only the highest concentration
(106 µg/L) significantly reduced Bd abundance relative to controls (Fisher’s LSD: p =
0.03; Figure 3.1B).

Daily Effects of Pesticides on Bd Growth in Culture
Log pesticide concentration in the absence of Bd increased absorbance
(chlorothalonil: F1,22 = 10.2, p = 0.004; atrazine: F1,8 = 10.2, p = 0.02). Thus, we adjusted
the AUCs to control for the effect of each pesticide concentration on absorbance as
described in the Methods. The relationship between the adjusted log AUC, which
estimates cumulative Bd growth in culture, and chlorothalonil concentration was
significantly non-monotonic (log concentration3: F1,68 = 9.47, p = 0.003; Figure 3.2A).
Relative to controls, Bd growth was reduced by all chlorothalonil concentrations tested
except 1.76, 8.8, and 17.6 µg/L (Fisher LSD: p > 0.05, for all; Figure 3.2A). All
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atrazine concentrations (except 0.1 µg/L) significantly reduced Bd growth compared to
the controls (log concentration: F1,8 = 7.38, p = 0.026; Figure 3.2B).

Effects of Pesticides on Bd Growth on Tadpoles
In this experiment, there were no significant interactions among chemical type,
concentration, or Bd treatment for hours alive (all two-way and the three-way
interactions: F1,136 < 1.58, p > 0.2), and no effect of concentration on hours alive (F1,136 <
1.58, p > 0.2). Tadpoles exposed to atrazine died sooner than control animals or those
exposed to chlorothalonil (512.4 ± 11.18, 533.8 ± 10.06, 534.5 ± 10.38 hrs, respectively;
F1, 136 = 4.98, p = 0.03). Bd was the only predictor that significantly decreased the
proportion of tadpole surviving (Bd+: 0.34 ± 0.02, Bd-: 0.41 ± 0.02; x2 = 5.78, d.f. = 1, p
= 0.02).
Tadpoles exposed to atrazine had higher mass than tadpoles exposed to
chlorothalonil treatments (mean ± SEM: 0.26 ± 0.02 g and 0.21 ± 0.01 g, respectively; F1,
129

= 8.21, p = 0.005), and, on average, longer-lived tadpoles grew to larger sizes (F1, 129 =

75.1, p < 0.001). None of the remaining predictors (pesticide concentration, Bd, and all
interactions) significantly affected tadpole mass (F1, 129 < 1.15, p > 0.3).
The prevalence of Bd+ tadpoles was 73% in both controls. We evaluated whether
the pesticides reduced Bd growth on tadpoles, which is a function of both the direct
effects of the chemicals on Bd and the indirect effects of any pesticide-induced
immunomodulation of host defenses (Rohr et al. 2008a). We detected a significant
pesticide-by-concentration interaction for Bd load on tadpoles (F1, 62 = 7.38, p = 0.009),
indicating that the dose-responses differed for the two chemicals. Hence, we analyzed
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the chemicals separately. Chlorothalonil had a quadratic effect on Bd abundance on the
tadpoles (log concentration2: F1, 30 = 4.70, p = 0.04; Figure 3.1C) that generally matched
the dose responses in culture (Figure 3.1A and 2A). Log atrazine concentration was a
significant negative predictor of Bd load on the tadpoles (F1,30 = 14.54, p < 0.001; Figure
3.1D), with every concentration tested resulting in significantly less Bd than that found
on control tadpoles (Fisher’s LSD test: 1 µg/L: p = 0.02, 10 µg/L: p = 0.01, 56 µg/L: p =
0.004, and 102 µg/L: p = 0.001).

DISCUSSION
Atrazine and chlorothalonil both reduced Bd growth in culture and on tadpoles.
The fact that chlorothalonil reduced Bd is not surprising given that it is a fungicide and
Bd is a fungus, but atrazine, an herbicide, was developed to specifically target plants by
disrupting photosynthesis, and so its fungicidal effect was unanticipated. Further research
is needed to identify the mechanism by which atrazine inhibits fungal growth. It is
possible that atrazine disrupts important steroids in fungi, such as ergosterol (Weete
1973) because it is thought to disrupt steroidogenesis in amphibians, mammals, and
reptiles (Hayes et al. 2002). This is not the first study to show adverse effects of atrazine
on non-targeted taxa; in fact, effects of atrazine on non-targeted taxa have been
documented repeatedly (Davies et al. 1994, Rohr and McCoy 2010b).
Chlorothalonil had a complex, non-monotonic effect on Bd abundance, regardless
of whether Bd was grown in culture or on tadpoles. Low and high concentrations
inhibited Bd growth significantly more than did intermediate concentrations and controls.
To our knowledge, this is one of only a handful of experiments to demonstrate a non21!
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monotonic dose response of an invertebrate (Bd) to a pesticide (e.g. see Azevedo-Pereira
et al. 2011). Chlorothalonil had similar non-monotonic patterns on the survival of several
species of amphibians and on immune responses and hormone levels of O.
septentrionalis (McMahon et al. 2011). The concentrations that did not reduce Bd growth
in this experiment (0.017 and 17.6 µg/L) also generally caused the least mortality and
changes to immune parameters and hormones in the amphibian species tested previously
(McMahon et al. 2011). Given that chlorothalonil is designed to disrupt cellular
respiration, a physiological process performed by virtually every organism on the planet,
it is possible that a similar mechanism is responsible for the effects of chlorothalonil on
amphibians and fungi.
Though the dose-response for Bd abundance differed for atrazine (monotonic) and
chlorothalonil (non-monotonic), the dose response for each chemical was consistent
across the three experiments, where Bd was grown on the tadpoles (measured with
qPCR), in test tubes (measured with a hemocytometer), and in a 96-well plate (measured
with a spectrophotometer). The methods of quantification used do not determine if Bd is
alive or dead, and therefore it was not possible for us to distinguish whether the pesticides
inhibited growth by directly killing Bd or by inhibiting Bd reproduction. Ultimately, we
need an effective way to determine the viability of Bd to truly understand the mechanism
by which these pesticides are affecting Bd densities.
At the tested concentrations and exposure durations, neither chemical reduced the
proportion of tadpoles surviving, although tadpoles exposed to atrazine died sooner than
those exposed to chlorothalonil. These results are generally consistent with the amphibian
literature for atrazine, which suggests that environmentally relevant concentrations of
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atrazine are often not directly toxic to amphibians (Allran and Karasov 2000, 2001, but
see Rohr et al. 2003, Rohr and McCoy 2010a). For chlorothalonil, a previous study
examined the same population of O. septentrionalis studied here and found similar
effects of chlorothalonil on survival; in addition, this previous study revealed that
chlorothalonil decreased survival of three other species of amphibians, killing some
species at concentrations four orders of magnitude below the EEC (McMahon et al.
2011).
Although Bd is typically only lethal to post-metamorphic amphibians and not to
tadpoles (Berger et al. 1998, but see Bufo boreas in Blaustein et al. 2005, Garner et al.
2009b), we found that Bd reduced tadpole survival. This reduction could reflect high
statistical power in this study (144 replicates with 720 total tadpoles) relative to many
previous studies that often had <60 replicates (Rachowicz and Vredenburg 2004,
Blaustein et al. 2005). On the other hand, we found no effect of Bd on tadpole growth,
which has been demonstrated for Bd in other studies (Venesky et al. 2009). We did,
however, find that tadpoles exposed to atrazine were larger than those exposed to
chlorothalonil, which might simply be a product of differences in the toxicity of the two
chemicals or other ecological factors (Rohr et al. 2006).
We demonstrated that both chlorothalonil and atrazine reduced the intensity of Bd
infections without causing significant amphibian mortality. Hence, it might seem
rationale to recommend that these chemicals be used to treat Bd infections. However, we
admonish against this recommendation for several reasons. First, we have little evidence
that either chemical completely cleared the infections. Second, we know little about the
long-term effects of exposure to these pesticides. For instance, early life exposure to
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several pesticides have been shown to have negative impacts later in life (e.g. Rohr and
Palmer 2005). Third, previous studies have documented non-monotonic survival of
amphibians to both atrazine and chlorothalonil, with exposure to low concentrations
causing greater mortality than observed in the controls or at intermediate concentrations
(atrazine: Storrs and Kiesecker 2004, chlorothalonil: McMahon et al. 2011). Fourth, low
levels of atrazine are reported to cause hermaphroditism in frogs that can inhibit
successful reproduction (Hayes et al. 2010). Finally, both chemicals are
immunomodulators (Rohr and McCoy 2010b, McMahon et al. 2011), which could affect
anti-parasite defenses; for example, atrazine exposure can increase amphibian infections
(Rohr and McCoy 2010b) and thus, while it might reduce Bd, it could increase other
amphibian parasites. Given this information, we feel that neither pesticide should be used
as a treatment for Bd.
An ideal treatment for Bd would completely eliminate the infection with minimal
documented detrimental effects to the host and no unwanted effects on non-target
organisms. To our knowledge, no chemical has proven to be an ideal treatment for Bd
yet. Itraconazole, for example, was reported as a successful treatment for Bd infection
(Garner et al. 2009a), but it can be toxic to amphibians at low doses (Berger et al. 2009).
Treating Bd infections with high heat is plausible (Woodhams et al. 2003, Retallick and
Miera 2007, Chatfield and Richards-Zawacki 2011) and there has been some success
with this method, but we need more comprehensive multi-species experiments to
determine effective and safe treatments for Bd.
In summary, this work emphasizes the need to more thoroughly understand the
complex effects of pesticides on host-parasite interactions by simultaneously
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investigating host susceptibility to infections and parasite survival (Rohr et al. 2008a,
Rohr et al. 2008b). It is also important to identify more effective Bd-clearance treatments
that do not have adverse effects on amphibian fitness.
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Figure 3.1. Densities of Batrachochytrium dendrobatidis (isolate SRS 812) when exposed to chlorothalonil
(A) or atrazine (B) in culture, or when exposed to chlorothalonil (C) or atrazine (D) on tadpoles. Densities in
culture were based on hemocytometer counts after 8 d of growth and we report the mean (± SE) of zoospores
plus zoosporangia. Densities on tadpole mouthparts are based on mean (± SE) genome equivalents from
quantitative PCR. NC means negative control.
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Figure 3.2. Growth of Batrachochytrium dendrobatidis (Bd; isolate SRS 812) in response to
(A) chlorothalonil and (B) atrazine. Bd was grown in a sealed, sterile 96-well plate for 2
weeks and the absorbance of each well was read at 490 nm at 0, 24, 48, 144, 168, and 192 h.
There were Bd+ and Bd- wells were for each treatment and the Bd- wells were used to
control for the change in absorbance associated with chlorothalonil or atrazine concentration
in the absence of Bd. Shown are log-transformed means (± SE) of the area under the
absorbance-time curve. NC means negative control.
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CHAPTER 4: Chytrid fungus Batrachochytrium dendrobatidis has non-amphibian
hosts and releases chemicals that cause pathology in the absence of infection
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CHAPTER 5: Transition of chytrid fungus infection from mouthparts to hind limbs
during amphibian metamorphosis
AUTHORS
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ABSTRACT
The chytrid fungus, Batrachochytrium dendrobatidis (Bd), is implicated in
worldwide amphibian declines. We quantified the transition of Bd from mouthparts to
epidermis as amphibians metamorphose, providing researchers guidance on where to
sample to maximize detection of Bd. Bd abundance in mouthparts declined from Gosner
stages 35-42 and increased on epidermis from Gosner stages 38-46. Assuming our
findings are general across species, we recommend sampling mouthparts of amphibians
less than Gosner stage 41 and hind limbs of amphibians greater than Gosner stage 41.
These findings should facilitate optimizing sampling designs and minimizing erroneous
conclusions associated with missing Bd infections or misestimating Bd abundance.

INTRODUCTION
The pathogenic chytrid fungus, Batrachochytrium dendrobatidis (Bd), is
associated with the extinction and extirpation of hundreds of amphibian species (Skerratt
et al. 2007). Bd is found around the world (Fisher et al. 2009) and infects over 350
!
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species of amphibians (Fisher et al. 2009). Its distribution and transmission appear to be
affected by densities of amphibian and non-amphibian hosts (Briggs et al. 2010;
Vredenburg et al. 2010; McMahon et al. 2012), climate (Rohr et al. 2008; Rohr and
Raffel 2010; Liu et al. 2013; Raffel et al. 2013), and habitat (Raffel et al. 2010; Becker
and Zamudio 2011; Murray et al. 2011; Liu et al. 2013).
Bd infects keratinized tissue of amphibians (Fellers et al. 2001), which is found in
the mouthparts of tadpoles and the skin of metamorphic and adult frogs. Despite
extensive research on Bd, little is known about the timing of the transition of Bd infection
from mouthparts to epidermis during metamorphosis. Knowing where Bd is located on
the body at different points in development, especially near and through metamorphosis,
would facilitate optimizing sampling design and efficiency. If researchers sample the
wrong body location as Bd transitions from mouthparts to hind limbs they could possibly
miss infections completely or misestimate Bd abundance. These misses result in
erroneous conclusions, misconceptions, and lost time and money.
Here we exposed tadpoles that varied in Gosner stage to Bd and then quantified
Bd abundance in both the mouthparts and hind limbs to characterize the transition of the
infection from the mouthparts to the hind limbs of developing tadpoles. We use these
data to offer recommendations to researchers on when in the development of amphibians
to sample mouthparts versus limbs to maximize quantification accuracy and detection of
Bd.
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METHODS
In 2009, 35 Osteopilus septentrionalis tadpoles, from 5 mixed clutches, were
collected from the University of South Florida campus (Gosner stages 25–28; Gosner
1960) and were housed in outdoor mesocosms (1.8 m diameter, 60 cm deep, ~ 1,100 L in
southeastern Hillsborough County, FL, USA) until they were brought into the laboratory
for Bd exposure. Animals were housed outdoor so that the setting and food resources
were more natural than in the laboratory. One week before exposure to Bd, the tadpoles
were removed from the mesocosms, maintained individually in 1-L of artificial spring
water (ASW; Cohen et al. 1980) in the laboratory (12 h light cycle, 23 ºC), and fed
organic spinach ad libitum.
The Bd inoculum, to which the frogs were exposed, was prepared by growing 1
mL of Bd stock (strain SRS 812 isolated from Rana catesbeiana) on 1% tryptone agar
plates for 8 days at 23oC. Each plate was flooded with 3 mL of deionized water to
suspend the zoospores and the water from each plate was homogenized to generate the
Bd inoculum. The inoculum was passed through a 20 µm nylon filter (Spectrum
Laboratories, Inc., Rancho Dominguez, CA) to isolate infective zoospores. Zoospore
density in the inoculum was estimated with a hemocytometer and was diluted with
deionized water to 3 x 104 zoospores/mL.
Individual O. septentrionalis were exposed to 2 mL of the inoculum in 80 mL of
ASW for two days. Each O. septentrionalis and the inoculated water were then
transferred to 1-L cups filled with fresh ASW. Survival was monitored daily for 14
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days, after which all surviving animals were euthanized with an overdose of MS-222. For
each amphibian, we quantified the Gosner stage and then removed the mouthparts and
one hind limb using sterile scissors (scissors were sterilized prior to the removal of any
tissue with 70% ethanol and fire). The mouthparts, hind limb, and bodies were placed in
separate vials containing 70% ethanol for later quantification of Bd. To prevent crosscontamination of Bd DNA during handling, vinyl gloves used to handle each frog were
rinsed sequentially in 10% bleach, 1% Novaqua® to neutralize the bleach, and deionized
water before handling the next frog.
We quantified Bd from amphibian mouthparts and hind limbs using the
quantitative PCR (qPCR) procedures described by Kriger et al. (Kriger et al. 2006a;
Kriger et al. 2006b). Briefly, DNA was extracted using 40 µL of Prepman Ultra, and
qPCR reactions were run with a StepOneTM Real-Time PCR System (Applied
Biosystems, Foster City, CA). All samples were beaten in a bead beater (Disruptornie,
Scientific Industries) with 30 g of 0.5 mm zirconia/silica beads (BioSpec Products Inc.)
for 45 s and then centrifuged at 13,000 rpm for 30 s (repeated two additional times).
Samples were run once as recommended by Kriger et al. (Kriger et al. 2006a), and we
added TaqMan® Exogenous Internal Positive Control (Exo IPC) Reagents (Applied
Biosystems, Foster City, CA) to every reaction well to assess inhibition of the qPCR
reaction (Kriger et al. 2006b). Exo IPC is used because it adds a standardized
concentration of an artificial DNA sequence to each reaction well with its own set of
primers and a separate fluorescent probe; this allows us to assess overall reaction
inhibition of each well. All samples were analyzed initially with a 1:100 dilution but if
the reaction was inhibited (the CT scores of the Exo IPC and the negative control wells
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differed by >6), samples were re-run at a 1:1000 dilution, which always removed the
initial inhibition.
Statistical Analysis
We only included animals in our analyses that had Bd detected on at least one of
the two sampled body parts. Statistics were analyzed with R statistical software (R
Development Core Team 2010); significance was attributed when P < 0.05. To select the
best fitting error distribution for Bd abundance, we compared the Akaike Information
Criterion (AIC) of Poisson, negative binomial, zero-inflated Poisson, and zero-inflated
negative binomial distributions (package: glmmADMB; function: glmmadmb). We then
used a generalized linear mixed-effects model to test for main effects and interactions of
location sampled (mouthparts versus hind limbs) and Gosner stage Bd abundance.
Individual was treated as a random effect so that we could compare Bd abundance
between body locations within each individual. We also tested for a correlation between
Bd abundance on hind limbs (the predictor) and mouthparts of individuals controlling for
Gosner stage (package: glmmADMB; function: glmmadmb). The significance of each
effect was determined using log-likelihood ratio tests (function: lrtest).

RESULTS
Of the four error distributions tested, the negative binomial distribution had the
lowest AIC and thus was used for all analyses (629.90, ΔAICs>1.92). There was a
negative relationship between abundance of Bd on the mouthparts and hind limbs (x21 =
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19.02, P < 0.0001) because individuals that high levels of Bd on their limbs had low
levels on their mouthparts and vice versa (Figure 5.1A). Additionally, Bd abundance
depended significantly on the interaction between Gosner stage and body location
sampled (Gosner*body location: x21 = 57.12, P < 0.0001; Figure 5.1B) because the
infection appeared to transition from the tadpole mouthparts to the hind limbs between
stages 39-41 (Figure 5.1B).

DISCUSSION
It is not surprising that Bd appears to transitions from amphibian mouthparts to
hind limbs around stages 39-41, because this is approximately when the tadpole
epidermis is replaced by keratinized tissue (Ellison et al. 1985). This developmental stage
is also when the keratinized mouthparts of the tadpoles begin to atrophy (Gosner 1960).
Importantly, if we sampled only the mouthparts, we could have erroneously concluded
that tadpoles lost their infections during metamorphosis. Alternatively, if we sampled
only limbs, we could have erroneously concluded that tadpoles were more resistant to Bd
than metamorphs. Additionally, prevalence and Bd loads would have been misestimated
if we only sampled one of the two body locations. Importantly, several studies have
documented presumed costs of exposure to Bd in the absence of either detectable
infections or sufficient time for Bd to reach densities high enough to typically cause
pathology (e.g. see: Blaustein et al. 2005; Garner et al. 2009; Venesky et al. 2009; Luquet
et al. 2012). However, it is unclear in these experiments whether the authors simply
missed infections by sampling the wrong body locations. This information is critical
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because we now have confirmed evidence that Bd can release a chemical that can cause
pathology in the absence of infections (McMahon et al. 2013) and confirmed
documentation of this response across species would be valuable. Missed infections
because of sampling the wrong body location may have also led to unpublished research.
Given the findings of this study, it might be worth re-sampling preserved amphibian
specimens.
In summary, we recommend that researchers sample both the mouthparts and
limbs of amphibians if they expect to be taking Bd measurements from amphibians
between Gosner stages 38 and 46. If this is cost prohibitive and assuming our results are
consistent across species, we recommend sampling the mouthparts of amphibians less
than Gosner stage 41 and the hind limbs of amphibians greater than Gosner stage 41. This
sampling should offer the best chances of accurately determining if there is a Bd infection
present and the true abundance of the infection. These recommendations should increase
sampling efficiency, diminish the likelihood that infections will be missed, reduce the
likelihood of drawing erroneous conclusions, and could reduce qPCR costs.
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Figure 5.1. A) Negative relationship of log Batrachochytrium dendrobatidis (Bd; isolate SRS
812) abundance on the mouthparts versus the hind limbs of metamorphosing Osteopilus
septentrionalis tadpoles (x21 = 19.02, P < 0.0001). B) Log Bd abundance on mouthparts and
hind limbs plotted as a function of Gosner stage. There was a significant interaction between
Gosner stage and body location (x21 = 57.12, P < 0.0001).
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CHAPTER 6: Trypan blue dye is an effective and inexpensive way to determine the
viability of Batrachochytrium dendrobatidis zoospores

AUTHORS
Taegan A. McMahon and Jason R. Rohr

ABSTRACT
Batrachochytrium dendrobatidis (Bd) has been implicated in hundreds of amphibian
declines and is the focus of a vast amount of research. Despite this effect, there is no
reported efficient way to assess Bd viability. Discriminating between live and dead Bd
would help determine the dose of live Bd zoospores and whether factors have lethal or
sublethal effects on Bd. We show that the proportion of zoospores stained with Trypan
blue dye matched the proportion of known dead zoospores added to cultures. In contrast,
all of the zoosporangia stage of Bd stained blue. These results demonstrate that Trypan
blue can be used to determine the viability of Bd zoospores but not zoosporangia. We
recommend using Trypan blue to report the number of live zoospores to which hosts are
exposed.

INTRODUCTION
Chytridiomycosis, a disease caused by the fungus Batrachochytrium
dendrobatidis (Bd), has spread around the world and has been implicated in the
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decline or extinction of hundreds of amphibian species (Skerratt et al. 2007). Its
populations appear to be influenced by climate (Rohr et al. 2008, Rohr and Raffel 2010,
Liu et al. 2013, Raffel et al. 2013), habitat (Raffel et al. 2010, Becker and Zamudio 2011,
Murray et al. 2011, Liu et al. 2013), densities of amphibian and non-amphibian hosts
(Briggs et al. 2010, Vredenburg et al. 2010, McMahon et al. 2013), human movements
(Rohr et al. 2011, Liu et al. 2013), and other microbes (Harris et al. 2009). Despite a
tremendous amount of research focused on this pathogen, one challenge that remains is
that there is no reported accurate, inexpensive, and easy way to determine the viability of
Bd. To determine Bd densities, some researchers count only the moving zoospores
(infectious stage) while others count total zoospores (live and dead). Neither method is
very accurate at estimating Bd densities because live zoospores can remain still for
several minutes (personal observation) and dead zoospores can look like stationary, living
zoospores. Hence, determining the viability of Bd is important for accurately determining
the number of live zoospores Bd to which hosts are exposed, which, in turn, should
improve experimental consistency and replication.
Additionally, discriminating between live and dead zoospores would facilitate
determining whether a factor has a lethal (survival) or sublethal (growth) effect on Bd.
For example, researchers are exploring chemicals that might cure amphibians of Bd
infections and thus, they are exposing Bd to antifungal chemicals and pesticides (e.g.
Berger et al. 2009, Hanlon and Parris 2012, McMahon et al. In revisions). These studies
quantified Bd density, but it is unclear whether any tested chemical reduced population
growth (a sublethal effect) or directly killed Bd. A dye that differentially stains living and
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dead Bd would allow researchers to distinguish between lethal and sublethal effects of
factors.
The stains SYBR 14 and propidium iodide have been used to determine zoospore
viability (Stockwell et al. 2010). However, these fluorescent dyes are expensive, difficult
to use, and require access to an inverted microscope with a mercury lamp, which many
laboratories do not have. In addition, very high concentrations of Bd are needed to
accurately assess the proportion of live versus dead zoospores (Stockwell et al. 2010),
which, in many cases, is not feasible experimentally.
A possible alternative to using fluorescent stains is Trypan blue, an inexpensive,
quick, and easy-to-use dye that is absorbed by dead cells and actively excreted by live
cells (Strober 2001). Trypan blue has been used to determine viability in fungi
(Bhadauria et al. 2010), but its ability to accurately determine the viability of Bd cells has
not been determined. Here we tested whether Trypan blue dye could effectively
determine the viability of Bd zoospores and zoosporangia (stage that produces
zoospores).

METHODS
We made separate Bd cultures for each replicate in our experiment. Each culture
was made by adding 1 mL of Bd stock (isolate SRS 812 isolated from Rana catesbeiana)
to 10 mL of 1% tryptone broth for 14 d at 23oC. Each culture was then split in half and
one half was heat-killed (1 hour at 47C; Johnson et al. 2003), to create live and dead
cultures.
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For each replicate (n = 19), the live and dead cultures were mixed together to
create 0, 25, 50, 75 and 100% live Bd samples. A 10 µL aliquot from each of these
solutions was mixed with 10 µL of Trypan blue dye (0.4% Trypan blue in phosphatebuffered saline). After 3 minutes of Trypan blue exposure, we recorded the number of
blue and clear/white zoospores and zoosporangia in each culture using a hemocytometer
and a compound microscope (at 100x magnification; all counts were done double blind).
To confirm that the heat treatment actually killed the zoospores and zoosporangia
in the ‘dead’ culture, a 1 mL aliquot of each dead culture was grown on 1% tryptone agar
for 8 d at 23oC. The plate was then inverted and inspected under a microscope at 5x
magnification to check for the presence of moving zoospores.

Statistical Analysis
Statistics were analyzed with R statistical software (R Development Core Team
2010). Significance was attributed when p < 0.05. A paired t-test was used to determine if
there was a difference in the proportion of zoospores that were not stained blue and the
expected proportion of live Bd in the culture.

RESULTS
For each of the 19 cultures, heat treatment successfully killed all Bd because we
observed no living zoospores growing in culture after 8 d. For the cultures receiving
Trypan blue, no difference existed between the proportion of zoospores that were not
stained blue and the expected proportion of live Bd in the culture (t = -1.17, df = 92, p =
0.25; Figure 7.1). Surprisingly, all zoosporangia stained blue.
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DISCUSSION
All of the zoosporangia in this experiment were unexpectedly blue, which usually
indicates a dead cell. However, in this case, it is highly unlikely that all of the
zoosporangia were dead given that these were healthy cultures containing millions of live
zoospores. Consequently, zoosporangia may have porous or permeable membranes (e.g.
discharge tubules) that do not actively excrete the dye. Alternatively, they might have
slower excretion rates than zoospores making them appear bluer. Nevertheless, although
Trypan blue was not an effective way to determine the viability of Bd zoosporangia, it
was effective at determining the viability of zoospores. This finding demonstrates that
live cells may not always excrete Trypan blue and it is important to verify the
effectiveness of the dye for each cell type.
Determining the viability of zoospores should be useful for discriminating
between lethal and sublethal (e.g. reduced Bd growth) effects of a factor on Bd. For
example, Raffel et al. (2013) demonstrated that different temperatures and temperature
shifts affected Bd growth in culture, but they were unable to differentiate between
reduced growth and mortality. Additionally, researchers have been testing various
chemicals as a way to clear amphibians of Bd infections (e.g. Berger et al. 2009, Hanlon
and Parris 2012). Many of these studies use Bd abundance in culture as a proxy for
chemical-induced death, but stalled growth can appear the same as death. If a chemical
simply slows Bd growth, the zoospores may still be infectious and exposure to live
zoospores would obviously have a more negative impact on amphibians than dead
zoospores.
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Trypan blue is an ideal way to determine the viability of Bd zoospores because it
is effective, quick, inexpensive, and requires minimal equipment. We encourage
researchers to use Trypan blue to report the number of live zoospores to which they
expose hosts. This will increase exposure consistency among experiments and
laboratories, will make experiments more replicable, and will help distinguish between
lethal and sublethal treatment effects.
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Figure 6.1. Each replicate (n = 19) was a mixture of live and heat-killed Bd cultures (0, 25, 50, 75, and 100% live
culture) exposed to Trypan blue dye. Shown are means ± SEM of the percentage of unstained zoospores observed
and the predicted percentage of unstained zoospores and posthoc adjustment to the predicted percentage of unstained
zoospores. The posthoc adjustment was to account for the fact that even the “100% live culture” was expected to
have some dead cells because some zoospores are always dead in a mature culture. We multiplied the predicted
percentage of unstained zoospores (0, 25, 50, 75, and 100% live) by the proportion of unstained zoospores in the
“100% live culture” to account for the estimated proportion of dead zoospores in each dilution. When you account
for the estimated proportion of dead cells in the “100% live culture”, the fit improves. Statistical analyses were only
conducted on the unadjusted expected values so that our analyses were not circular (i.e. based on a Trypan blue
adjustment when our goal was to validate the use of Trypan blue).
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Fungicide-induced declines of freshwater biodiversity modify
ecosystem functions and services
Abstract
Although studies on biodiversity and ecosystem function are often framed within the context of anthropogenic change, a central question that remains is how important are direct vs. indirect (via changes in biodiversity) effects of anthropogenic stressors on ecosystem functions in multitrophic-level communities.
Here, we quantify the effects of the fungicide chlorothalonil on 34 species-, 2 community- and 11 ecosystemlevel responses in a multitrophic-level system. At ecologically relevant concentrations, chlorothalonil increased
mortality of amphibians, gastropods, zooplankton, algae and a macrophyte (reducing taxonomic richness),
reduced decomposition and water clarity and elevated dissolved oxygen and net primary productivity. These
ecosystem effects were indirect and predictable based on changes in taxonomic richness. A path analysis
suggests that chlorothalonil-induced reductions in biodiversity and top-down and bottom-up effects facilitated algal blooms that shifted ecosystem functions. This work emphasises the need to re-evaluate the
safety of chlorothalonil and to further link anthropogenic-induced changes in biodiversity to altered ecosystem functions.
Keywords
Agrochemical, biodiversity, chlorothalonil, community, contaminant, ecosystem function, ecosystem
services, freshwater ecosystem, mesocosm, pesticide.
Ecology Letters (2012)

Interest in the relationship between biodiversity and ecosystem
function stems at least partly from the concern that anthropogenically driven declines and changes in biodiversity will reduce or
alter the goods and services offered by ecosystems. Despite this
underlying motivation, most biodiversity–ecosystem functioning
studies manipulate species richness or composition rather than
anthropogenic factors (Hooper et al. 2005; Balvanera et al. 2006;
Hillebrand & Matthiessen 2009; Reiss et al. 2009). There are
several reasons why it is important to manipulate anthropogenic
factors themselves and subsequently quantify their effects on ecosystem functions in multitrophic-level systems (Duffy et al. 2007;
Hillebrand & Matthiessen 2009). First, the relationship among
anthropogenic stressors, biodiversity and ecosystem functions is
often dependent on species composition and abiotic factors that
can vary across studies, space and time (Hooper et al. 2005; Rohr
& Crumrine 2005; Reiss et al. 2009; Rohr et al. 2011). Hence, predictions about the relationships among stressors, biodiversity and
function might be unreliable unless they are based on a single
study that considers all three under the same conditions. Second,
many anthropogenic stressors might only affect species that contribute little to ecosystem functions or that are functionally redundant with species that are not sensitive to the stressor (Hooper
et al. 2005); thus, it is possible for stressors to have little effect on
ecosystem functions even when they cause significant declines in
biodiversity.

Third, stressors could have direct effects on function, as well
as indirect effects mediated through changes to biodiversity
(Hillebrand & Matthiessen 2009). For example a chemical contaminant could bind to important elements, such as nitrogen, phosphorus or carbon, directly affecting the cycling of these nutrients or it
could indirectly affect these cycles by affecting biota. Indeed, the
importance of indirect (via diversity) vs. direct (via abiotic constraints) effects of anthropogenic stress on ecosystem functioning is
considered an important but unexamined question in biodiversityfunctioning research (Hillebrand & Matthiessen 2009).
A fourth reason to consider the effects of anthropogenic factors
on ecosystem functions in multitrophic-level systems is that there
appears to be some consistency in biodiversity-functioning relationships based on simple community manipulations, but the loss or
addition of species at multiple trophic levels, which is more consistent with present biodiversity losses and additions, remains less well
explored (Duffy et al. 2007; Reiss et al. 2009). The limited available
research suggests that multitrophic interactions produce a wider and
less predictable array of diversity-functioning relationships than
those predicted for single trophic levels, emphasising the need for
empirical research on how top-down and bottom-up effects of
stressors on biodiversity affect ecosystem functioning (Duffy et al.
2007; Reiss et al. 2009).
One of the challenges to addressing these gaps in the biodiversity-function literature is selecting among the many possible ecosystems and stressors to study. Of all the ecosystems on the planet,
freshwater ecosystems support the greatest concentration of bio-
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diversity (Dudgeon et al. 2006) and provide humans with a multitude of goods and services, including drinking water, food, decomposition of waste and habitat for animals and plants (Baron et al.
2002). Most of these goods and services are provided directly
or indirectly by the biota of freshwater ecosystems (Covich et al.
2004; Hooper et al. 2005; Loreau 2010). Yet freshwater ecosystems
are among the most imperiled, with biodiversity losses occurring
much faster in freshwater than terrestrial or marine environments
(Ricciardi & Rasmussen 1999; Dudgeon et al. 2006).
Although there are many causes to the losses of freshwater biodiversity and associated ecosystem functions, pollution is regarded as
a potent threat to aquatic species in the USA, second only to habitat loss (Wilcove & Master 2005). Moreover, there are over 100 000
registered chemicals in the USA and European Union (EU 2001),
and each year in the USA alone, over one billion pounds of pesticides are applied and 97% of streams in urban and agricultural landscapes have detectable levels of pesticides (Gilliom et al. 2007).
Hence, chemical contaminants are undoubtedly one of the most
diverse and common abiotic stressors. Nevertheless, pollution is
documented as one of the most understudied stressors in conservation science (Lawler et al. 2006), and manipulative research on the
indirect effects of contaminants on ecosystem functions mediated
by changes in biodiversity is essentially nonexistent for freshwater
ecosystems (but see Carlisle & Clements 2005 for a correlative
example).
We postulate that broad-spectrum pesticides (i.e. pesticides with
modes of action that target physiological mechanisms common to
many taxa) will have a high probability of affecting ecosystem functions and services because they affect a wider array of taxa than
more targeted pesticides. The more taxa affected by a stressor, the
greater the likelihood that it will affect species that strongly contribute to functions and/or overcome the stability provided by functionally redundant species in food webs. As an example, the
fungicide chlorothalonil would be considered a broad-spectrum pesticide because its mode of action is to disrupt cellular respiration
(by binding to glutathione; Caux et al. 1996; USEPA 1999), which is
essential for almost all eukaryotic organisms.
To address the gap in our understanding of the importance of
direct vs. indirect effects of anthropogenic stressors on ecosystem
functions in multitrophic-level systems, we established freshwater
mesocosms containing four trophic levels and quantified the effects
of ecologically relevant concentrations of chlorothalonil on 34
species-level, 2 community-level and 11 ecosystem-level responses.
We hypothesised that chlorothalonil would not directly affect ecosystem properties. Rather, we predicted that chlorothalonil would
adversely affect many freshwater taxa and that these subsequent
changes to community composition would in turn affect indicators
of ecosystem functions. We used path analysis to (1) provide support for indirect effects of this chemical on community composition, (2) link changes in biodiversity to modifications of ecosystem
functions and (3) evaluate whether the alteration of ecosystem functions was predominantly driven by top-down or bottom-up effects
of chlorothalonil.
Background of chlorothalonil

Chlorothalonil, an organochlorine compound, is the most commonly used fungicide in the USA (US EPA 2004), but its impacts
on freshwater communities and ecosystem properties have not been
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reported. Chlorothalonil has a short half-life in water, approximately
44 h (Caux et al. 1996; USEPA 1999), but even the technical formulation is commonly contaminated with the more hazardous and persistent hexachlorobenzene (Hung et al. 2010), which was banned in
the USA because of its carcinogenic potential (The International
Programme on Chemical Safety (IPCS) 1998). Chlorothalonil concentrations of 290 and 272 μg L!1 have been detected in runoff
and groundwater respectively near golf courses (Shuman et al.
2000). Nevertheless, the peak estimated environmental concentration (EEC) of chlorothalonil in ponds based on applications in
cropping systems is ~ 164 μg L!1 (calculated using the US EPA
GENEEC v2 software, see Table S1 in Supporting Information for
parameters), whereas the peak EEC associated with chlorothalonil
application on turf is as high as 462 μg L!1 (USEPA 1999). Effects
of an agrochemical near or below the EEC can affect the decision
to approve its use. To ensure that our concentrations were relevant
to those estimated in nature and to policy, tanks receiving chlorothalonil received either 164 or 328 μg L!1 (nominal concentrations), concentrations well below the potential peak EEC values for
turf applications.

MATERIAL AND METHODS

Mesocosm experiment

This experiment was conducted at a mesocosm facility approximately 20 miles southwest of Tampa, FL, for 4 weeks from July to
August 2008. Mesocosms consisted of cattle water tanks containing
800 L of water covered with 60% shade cloth to reduce sun exposure and prevent entry or escape of animals. Three weeks before
the start of the experiment, each tank received aliquots of zooplankton and algae (collected from four local ponds and homogenised
before addition), 300 g of leaf litter (predominantly Quercus virginiana)
to provide refugia and nutritional detritus, a pre-weighed leaf packet
(5 g of Q. virginiana leaves encased in nylon) to quantify decomposition and vertical clay tiles (8 cm2) for periphyton quantification. Just
prior to chlorothalonil or solvent additions, each tank received two
tadpole (Osteopilus septentrionalis, Rana sphenocephala), six macroarthropod (nymph Anax junius, nymph Libellulidae, adult Belostoma flumineum, Ranatra sp., Corixidae sp adults, juvenile Procambarus clarkii),
four gastropod (all adults: Viviparus georgianus, Planorbella trivolvis,
P. scalaris, Melanoides tuberculata) and two macrophyte species (Hydrilla
verticillata, Utricularia macrorhiza; initial abundances provided in Table
S2). Hence, these mesocosms contained many of the major taxa, at
similar abundances, as found in Florida ponds (Reiss & Brown
2005). All organisms were collected from ponds within approximately 1 km of N28o06.759′ W082o23.014′. All tadpoles were
Gosner stage 25 (Gosner 1960) at the start of the experiment. The
macrophyte, U. macrorhiza, is not emphasised here because it did not
successfully establish in any cattle tanks and was absent from all
cattle tanks by the end of the second week of the experiment.
Tanks received one of four treatments: 164 or 328 μg L!1 of
chlorothalonil (dissolved in 500 ng L!1 acetone), solvent
(500 ng L!1 acetone) control or water control. There were four
replicates of each treatment (16 tanks total) arranged in a randomised block design. Chlorothalonil was applied as a single application of technical-grade compound (purity > 98%; Chemservice,
West Chester, PA, USA). In the environment, exposures are
typically episodic and occur with runoff from rain events. Water
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samples from each tank were collected approximately 1 h after dosing and analysed by the Mississippi State Chemical Laboratory.
These measured chlorothalonil concentrations were determined to
be 172 and 351 μg L!1 for the two chlorothalonil treatments
respectively. Water quality measurements in the tanks before dosing
were (in μg L!1) calcium: 39 000, nitrate: 77, nitrite: 66, total nitrogen: 370 and phosphorous: 60.
We took repeated measurements of dissolved oxygen (DO), pH,
temperature at dawn and dusk, light penetration through the water
column, chlorophyll a in periphyton and phytoplankton, photosynthetic efficiency of periphyton and phytoplankton, macrophyte
abundance and zooplankton abundance and diversity (Early: weeks
1–2; Late: weeks 3–4; see Appendix S1). Net primary productivity
was calculated as the difference in daily DO measurements between
dawn and dusk (Noel et al. 2010). Tanks were drained at the conclusion of the experiment (week 5), at which time amphibians, gastropods and macroarthropods were enumerated; macrophytes were
weighed and leaf packets were dried and weighed.
Direct effects on abiotic factors

To test for direct effects of chlorothalonil on pH, DO and light,
the ecosystem properties incorporated into the path analysis
described below, we filled glass jars with 500 mL of ultrapure water
and then applied a single application of solvent (acetone), or 172 or
351 μg L!1 of technical-grade chlorothalonil (four replicates/treatment). We used ultrapure water to ensure that no living organisms
were present and thus only direct effects were possible. For 8 days,
we recorded pH and DO approximately every other day and light
daily using the same meters used in the mesocosms experiment.
Statistical analyses

All proportions were arcsine-square-root transformed and counts
were log transformed (see Table S3 for details). Given that many of
our response variables were in different units, all response variables
were standardised after transformation (mean = 0, standard deviation = 1) so that all responses had equal weight in the ordination
analyses.
We conducted a Principal Coordinates Analysis (PCoA) and a distance-based Redundancy Analysis (db-RDA), both based on Bray–
Curtis distances, to evaluate the multivariate relationships between
predictors and response variables (see Table S3 for the 45 response
variables used in these analyses). PCoA is a linear, unconstrained
ordination analysis (which extracts synthetic axes summarising
patterns of variation in the data) and db-RDA is the direct ordination analogue, which relates such variation to predictor variables
(McArdle & Anderson 2001). The predictor variables for the
db-RDA were spatial block and chlorothalonil concentration. Consistency between the PCoA and db-RDA would suggest that the
most important predictor variables were quantified from the experiment. Linear ordination analyses were selected because the average
response to the extracted hypothetical axis was linear rather
than unimodal. We also conducted the ordination analyses using
Euclidean and Hellinger distances (Figures S1 and S2) to evaluate
whether the analyses were dependent on the selected distance measure. Ordination analyses were conducted with CANOCO 4.5, and
triplots, which display the ordination results, were generated with
CanoDraw 4.12 (ter Braak & Smilauer 2002).

We used Monte Carlo permutation tests (9999 randomisations) to
evaluate the multivariate and univariate effects of chlorothalonil
concentration and spatial block. Randomisation tests were preferred
for multivariate analyses because of the challenges of meeting the
assumptions of multivariate normality (McArdle & Anderson 2001).
Permutation tests were also used to compare the two chlorothalonil
treatments with the control treatments, but no alpha adjustment for
multiple tests was made. Repeated measures analyses were also conducted for variables quantified through time, testing for effects of
block, chlorothalonil concentration, time and a chlorothalonil-bytime interaction. We also tested whether chlorothalonil concentration affected taxonomic richness and evenness. These analyses
included the two amphibian species, the four snails species, the six
macroarthropod taxa, the four zooplankton taxa (at the first sampling period; excluding nauplii) and H. verticillata. Not all biota were
identified to the species level. To address this, we conducted the
analyses on both morphospecies and generic richness.
Some taxa increased with chlorothalonil concentration but only
late in the experiment. We hypothesised that these increases, and
subsequent changes to ecosystem properties, might be a function of
indirect effects of chlorothalonil. We used path analysis, based on
maximum likelihood and log-likelihood ratio tests, to evaluate the
level of support for models and to test the significance of the
model paths (see Results). Path analysis is a form of multiple regression focusing on causality among a series of variables (Grace 2006).
Factor analyses for latent variables were conducted first and then a
path analysis was conducted on the structural model. We selected
among candidate models using Akaike information criterion with a
correction for a finite sample size (AICc). Specifically, we used path
analysis and associated AICc values to (1) test among hypothesised
indirect effects, (2) evaluate the strength of top-down (loss of algal
herbivores) and bottom-up effects (increase in light) of chlorothalonil on algae and ecosystem properties and (3) determine if both the
animals and plants contributed to changes in ecosystem properties.
Finally, to more explicitly test for associations between losses to
biodiversity and ecosystem functions, we conducted a path analysis
with chlorothalonil concentration as a predictor of taxonomic richness and richness as a predictor of ecosystem properties late in
the experiment. Path analyses were conducted using Statistica 9.0
(Statsoft, Tulsa, OK, USA).
We did not use path analysis to compare the strength of direct
and indirect effects of chlorothalonil on ecosystem functions. The
reason is that a pathway directly from chlorothalonil to ecosystem
properties would describe any residual variation accounted for by
chlorothalonil, which could include direct effects of chlorothalonil
on ecosystem properties as well as indirect effects of chlorothalonil
mediated by aspects of the community that were not quantified,
such as bacteria and fungi. Hence, a pathway from chlorothalonil to
ecosystem properties would not isolate direct effects, which is why
we used an experiment to test whether there were any direct effects
of chlorothalonil on the ecosystem properties highlighted in the
path analysis.
RESULTS

There were no multivariate differences between the solvent and
water control tanks and thus they were pooled for all analyses. The
PCoA and db-RDA produced very similar ordination triplots
(Fig. 1a, b; Figures S1 and S2), suggesting that the primary gradient
© 2012 Blackwell Publishing Ltd/CNRS
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(x-axis) was indeed chlorothalonil rather than a variable that was
not quantified (because db-RDA constrains the axis to quantified
predictors, whereas PCoA extracts a hypothetical axis). Thus, arrows
pointing right and left in these ordination diagrams (Fig. 1a and b)
represent factors that increased and decreased respectively, with
increasing chlorothalonil concentrations.
Species- and community-level effects

We first focus on species-level variables that were quantified only
at the end of the experiment (Table 1; Fig 1b). For these
Ranatra sp.

1.0

(a)

Periphyton QY late
Ceriodaphnia early

Phytoplankton F0 late
NPP late DO late
Light early
Chlorothalonil

Calanoid copepod late
Light late
Cyclopoid copepods early

Periphyton F0 late

(b)

Phytoplankton QY late
NPP early
Libellulid
pH late

Viviparus georgianus
Osteopilus septentrionalis
Planorbella trivolvis
Decomposition
Calanoid copepods early
Phytoplankton F0 early
Hydrilla late
Hydrilla early
Phytoplankton QY early
DO early

1.0

!1.5

1.0

!1.0

pH early

Rana sphenocephala

Ranatra sp.

Calanoid copepods late
Ceriodaphnia early
Osteopilus septentrionalis
Light late
Calanoid copepods early
pH eartly
Hydrilla late
Decomposition
Viviparus georgianus
Block
Hydrilla early
Planorbella trivolvis
Cyclopoid copepods early
Periphyton F0 early

NPP late
Peripyton QY late
Light early
DO late
Phytoplankton F0 late
Chlorothalonil
NPP early
Periphyton F0 late
Nauplii late
Libellulids

!1.0

Planorbella scalaris Phytoplankton F0 early

Phytoplankton QY late

variables, increasing chlorothalonil concentrations reduced the
survival of amphibian and gastropod species (Figures S3 and S4),
but had no detectable effects on the macroarthropod community
(Figure S5; Table 1; Fig. 1b, univariate results are available in
Table S3). Furthermore, these effects on amphibians and gastropods (Table S3) were generally observed with exposure to the
lowest chlorothalonil concentration (Table S3; Figures S3 and
S4).
We quantified several variables both early and late in the experiment. Increasing chlorothalonil concentrations reduced H. verticillata
abundance at both time points (Table 1; Fig. 1b), and the lowest concentration was enough to cause a significant reduction in
H. verticillata (Table S3; Figure S6). For the remaining response
variables, there was a significant multivariate interaction between
chlorothalonil and time, indicating a time-dependent response to
the chemical (Table 1). Increasing chlorothalonil concentrations
were associated with reductions in zooplankton and periphyton
abundance early in the experiment (Fig. 1b; Figures S7 and S8), and
the lowest concentration alone was sufficient to reduce zooplankton
abundance (Table S3). In contrast, chlorothalonil exposure had no
significant effect on phytoplankton early in the experiment (Tables
S3 & S4; Fig. 1b; Figure S8). Later in the experiment, however,
chlorothalonil concentration was associated positively with periphyton and phytoplankton, but no longer had a significant effect on
zooplankton (Fig. 1b; Figures S7 and S8), suggesting recovery of
the zooplankton community and eventual indirect positive effects
of chlorothalonil on algae.
Exposure to increasing chlorothalonil concentrations was associated with a significant reduction in taxonomic richness
(F1,11 = 49.37, P < 0.001), and both concentrations of chlorothalonil had lower richness than the controls (Fig. 2a). Although evenness decreased with increasing chlorothalonil concentrations
(Fig. 2b), the relationship was not significant (F1,11 = 1.05,
P = 0.328). These results did not change when the analyses were
conducted at the generic level.
Table 1 Results of Monte Carlo permutation tests (9999 randomisations,
n = 16) to evaluate how chlorothalonil concentration (continuous predictor)
affects various taxonomic groups and ecosystem properties early (first 2 weeks)
and late (last 2 weeks) in the experiment

DO early
pH late
Phytoplankton QY early
!1.5

Statistics
1.0

Responses (number of variables)*

Figure 1 Principal coordinates analysis (PCoA; (a) and distance-based
redundancy analysis (db-RDA; constrained to chlorothalonil concentration and
block; (b), based on Bray–Curtis distances, of community and ecosystem
responses (projected post hoc into ordination space). Arrows pointing right and
left represent factors that increased and decreased respectively with increasing
chlorothalonil concentrations. Response (supplementary) variables with
correlation coefficients outside !0.5–0.5 and !0.45–0.45 are displayed for the
PCoA and db-RDA respectively. See Table S2 for the variables used. The angle
between responses is negatively proportional to the correlation of those
variables, and distance among samples approximates the dissimilarity in their
community and ecosystem responses. F0 and QY are estimates of chlorophyll a
and photosynthetic efficiency respectively. DO = Dissolved oxygen, NPP = Net
primary productivity.

All responses (45)
Non-repeated measures responses
Amphibian community (2)
Gastropod community (4)
Macroarthropod community (7)
Decomposition rate (1)
Repeated-measures responses
All repeated-measures responses (14)
Zooplankton community (5)
Algal community (4)
Hydrilla verticillata (1)
Ecosystem properties (5)

Chlorothalonil

Chlorothalonil
9 time

F

P

F

4.51

< 0.001

–

–

8.39
14.32
0.71
5.83

0.005
< 0.001
0.662
0.030

–
–
–
–

–
–
–
–

4.06
4.66
2.19
25.63
3.28

0.001
0.004
0.108
< 0.001
0.038

3.16
4.57
3.44
0.03
3.60

P

0.001
0.039
0.038
0.929
< 0.001

*See Table S2 for a list of the variables in each response group. Bold values are
statistically significant.
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(a)

service (Fig. 1b; Figure S10; Table S3). Interestingly, chlorothalonil
concentration was associated positively, rather than negatively, with
net primary productivity because of algal blooms late in the experiment (Fig. 1b; Table S4).
In our Direct Effects on Abiotic Factors Experiment, chlorothalonil had no significant effect on light levels, pH or DO when it
was applied to ultrapure water (Main effects: P = 0.22, 0.98, 0.99
respectively; ecosystem property-by-time interactions: P > 0.271;
Figures S11–S13). Given these results and the fact that chlorothalonil has a half-life of 44 h (Caux et al. 1996; USEPA 1999), there is
little evidence that chlorothalonil could have had any direct effect
on light levels, pH or DO in the mesocosm experiment.

(b)

Links between biodiversity & ecosystem properties

(c)

Figure 2 Effects of chlorothalonil exposure on the number of taxa per
mesocosms (taxonomic richness, (a) and evenness of taxa per mesocosms
(Simpson’s index, (b), and the association between taxonomic richness and
ecosystem properties late in the experiment (c). Shown are the means and
standard errors (n = 8 for controls, n = 4 for 172 and 351 μg L!1) and best-fit
lines. Different lowercase letters within each panel reflect significant differences
(P < 0.05) among chlorothalonil concentrations, according to a Fisher’s LSD
multiple comparison test.

Ecosystem-level effects

Time-dependent effects of chlorothalonil were also observed for
ecosystem properties. Early in the experiment, increasing chlorothalonil concentrations were generally associated with reductions in
pH, and increases in dissolved oxygen and light intensity in the
water column (Table S4; Fig. 1b; Figure S9). Later in the experiment, however, increasing chlorothalonil concentrations were associated with increased pH, decreased light availability and even
stronger increases in dissolved oxygen (Table S4; Fig. 1b; Figure
S9). Even the lowest concentration of chlorothalonil was also associated with reduced decomposition rates, an important ecosystem

Chlorothalonil, an agrochemical designed to disrupt cellular respiration, would not be expected to promote the growth of attached and
suspended algae directly or directly affect most ecosystem properties
(e.g. light, dissolved oxygen, pH and decomposition rates). Thus, we
hypothesised that the observed increase in algae and changes in ecosystem properties were a result of indirect effects of chlorothalonil.
We postulated that by reducing the dominant algal herbivores
(e.g. tadpoles, snails and zooplankton) and by increasing light early
in the experiment (by reducing the shading effects of the floating
macrophyte H. verticillata; R2 = 0.640, F1,14 = 24.90, P < 0.001),
chlorothalonil promoted algal growth later in the experiment. We
also hypothesised that this increase in net primary productivity and
the loss of invertebrates and vertebrates drove the changes in ecosystem properties (e.g. light, pH and dissolved oxygen) later in the
experiment.
The path model with the greatest support based on AICc
included both top-down and bottom-up effects of chlorothalonil on
factors affecting algae early in the experiment (Table 2; Fig. 3).
According to this model, the chlorothalonil-induced decrease in
dominant herbivores and increase in light early in the experiment
increased algae later in the experiment. This in turn elevated pH
and dissolved oxygen and reduced light availability in the water
column (ecosystem properties; Fig. 3; Table 2). Both top-down
(herbivores) and bottom-up (light) effects were significant predictors
of phytoplankton (P < 0.001, P < 0.001 respectively) and periphyton (P = 0.007, P = 0.019 respectively) abundance late in the experiment. We could not discriminate between the top-down only and
bottom-up only models based on AICc (Table 2), but the model
containing top-down and bottom-up effects had more than 1.5 and
2 times the weight as the top-down only and bottom-up only models, suggesting that both top-down and bottom-up effects of chlorothalonil were important. Adding a path directly from the
dominant herbivores to the ecosystem properties did not significantly improve model AICc, suggesting that the direct effect of animals on the measured ecosystem properties late in the experiment
was small relative to the effect of the primary producers on these
ecosystem properties (Table 2; Fig. 3).
A path model with chlorothalonil concentration as a predictor of
taxonomic richness and richness as a predictor of ecosystem properties late in the experiment revealed that richness was indeed a
significant predictor of ecosystem properties late in the experiment (b = 0.180, X2 = 5.40, P = 0.020, R2 = 0.302, Fig. 2c; see
‘Community-level Effects’ and Fig. 2a for effects of chlorothalonil on
taxonomic richness). Furthermore, the relationship between richness
© 2012 Blackwell Publishing Ltd/CNRS
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Figure 3 Best path model (based on AICc) suggesting that effects of chlorothalonil on ecosystem properties late in the experiment were mediated by chlorothalonil
effects on light and algal grazers early in the experiment. Probability values and standardised coefficients are next to each path. Given the sample size (n = 16) and
statistical power, factor analyses for latent variables (ellipses and dashed arrows) were conducted before the path analysis was conducted on the structural model (bold
shapes and solid arrows). The Steiger-Lind RMSEA index for the path model was 0.0 (90% CI: 0.000–0.322) and the Population Gamma Index was 1.0 (90% CI: 0.828–
1.000), indicating a good fit of the model. See Table 2 for models that were considered.

Table 2 Comparison of various path models examining the indirect effects of
chlorothalonil on ecosystem properties mediated by changes in biodiversity

Model
Top-down and bottom-up effects
of chlorothalonil (a–c, m, n)
Top-down effects only (d–f, m, n)
Bottom-up effects only (g–i, m, n)
Top-down and bottom-up effects plus
an additional path (a–c, j, m, n)
Top-down effects only plus an
additional path (d–f, k, m, n)
Bottom-up effects only plus an
additional path (g–i, l–n)

Free
parameters

AICc

∆i

wi

9

56.55

0.00

0.46

9
9
10

57.46
58.23
69.31

0.90
1.67
12.75

0.29
0.20
< 0.0001

10

69.57

13.02

< 0.0001

10

73.26

16.71

< 0.0001

The paths included in each model are provided in the parentheses. Given the relatively short half-life of chlorothalonil and its positive association with algae late
in the experiment, we assumed that it did not directly affect algae or ecosystem
properties late in the experiment.
a, Chlorothalonil concentration to top-down and bottom-up factors affecting
algae early (T&B_AE); b, T&B_AE to phytoplankton late in the experiment; c,
T&B_AE to periphyton late in the experiment; d, Chlorothalonil concentration
to top-down factors affecting algae early in the experiment (T_AE); e, T_AE to
phytoplankton late in the experiment; f, T_AE to periphyton late in the experiment; g, Chlorothalonil concentration to bottom-up factors affecting algae early
in the experiment (B_AE); h, B_AE to phytoplankton late in the experiment; i,
B_AE to periphyton late in the experiment; j, T&B_AE to ecosystem properties
late in the experiment; k, T_AE to ecosystem properties late in the experiment;
l, B_AE to ecosystem properties late in the experiment; m, Phytoplankton late in
the experiment to ecosystem properties late in the experiment; n, Periphyton late
in the experiment to ecosystem properties late in the experiment.

and ecosystem properties was linear over the tested levels of richness (Fig. 2c).

DISCUSSION

Species- and community-level effects

Chlorothalonil, at ecologically relevant concentrations (USEPA
1999), had no detectable direct effects on indicators of ecosystem
© 2012 Blackwell Publishing Ltd/CNRS

function, but indirectly affected functions by reducing biodiversity.
Chlorothalonil caused significant mortality of amphibians, gastropods, zooplankton, algae and macrophytes, resulting in significant
reductions in freshwater biodiversity (measured as taxonomic richness). In most cases, significant mortality occurred at the lower
chlorothalonil concentration, which is an ecologically relevant concentration for freshwater systems (USEPA 1999). Although our
study is the only reported community-level experiment on chlorothalonil, our results are consistent with several direct toxicity studies conducted in the laboratory and with observations in the field.
For example ~ 164 μg L!1 of chlorothalonil killed 100% of four
different species of amphibians in a series of laboratory experiments (McMahon et al. 2011), and amphibian die-offs have been
documented after chlorothalonil applications to cranberry bogs
(Winkler et al. 1996). Chlorothalonil also has been documented to
cause mortality of several plant species in the laboratory and field
(Caux et al. 1996), and LC50 values for Daphnia (zooplankton),
isopods and freshwater shrimp have been reported as 70, 40
and 3.6 μg L!1 of chlorothalonil respectively (Caux et al. 1996;
Grabusky et al. 2004). Moreover, the results of pesticide studies
conducted in mesocosms regularly match patterns in the field
(e.g. Rohr et al. 2008).
The only quantified taxon that chlorothalonil did not significantly
kill was macroarthropods (insects and crayfish). Most of the prey
of the macroarthropods were adversely affected by chlorothalonil
(e.g. tadpoles, snails and zooplankton), which might have made it
easier for macroarthropods to attain resources through predation
and/or scavenging, minimising any direct effects of chlorothalonil
on this taxon. However, it is also possible that macroarthropods are
less susceptible to chlorothalonil. Although attached algae significantly declined early in the experiment with chlorothalonil exposure,
suspended algae did not. This was likely due to suspended algae
experiencing an early release from competition, as chlorothalonil
was acutely toxic to H. verticillata that shaded the phytoplankton.
Attached algae were shaded by both H. verticillata and phytoplankton
and thus might not have experienced as large of a benefit from the
loss of the macrophyte as the suspended algae.
Several taxa with short generation times, specifically zooplankton
and algae, seemed to recover from the chlorothalonil exposure by
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the end of the 4-week experiment. This highlights the importance
of considering temporal dynamics and recovery processes in
response to anthropogenic stressors (Clements & Rohr 2009).
In fact, although chlorothalonil caused significant reductions in
attached algae early in the experiment, it was associated with algal
blooms by the end of the experiment, not unlike the effects of
eutrophication.
Although it should be disconcerting that the estimated field concentration of the most commonly used fungicide in the USA is
toxic to such a broad range of taxa, it might not be surprising given
that its mode of action is to disrupt cellular respiration, a process
vital to the survival of most eukaryotic organisms on the planet. In
fact, chlorothalonil is one of only a few organochlorine pesticides
that are still registered for use in the USA, European Union and
Australia. Most other organochlorines, such as DDT, dieldrin,
chlordane, hepatochlor and lindane, are banned because of their
toxic properties. In fact, the results of this study emphasise the
need to re-evaluate the safety of chlorothalonil to biodiversity and,
given recent reviews highlighting that most fungicides are general
biocides (e.g. Maltby et al. 2009), to assess whether fungicides generally induce indirect community- and ecosystem-level effects similar
to those caused by chlorothalonil.
Ecosystem-level effects

In addition to reducing biodiversity, chlorothalonil altered ecosystem functions. The lowest tested concentration of chlorothalonil
significantly reduced decomposition rates, probably because it was
toxic to fungi. Decomposition of organic material is an important
ecosystem service provided by freshwater ecosystems that has major
impacts on ecosystem energetics (Baron et al. 2002; Dudgeon et al.
2006). In addition, by the end of the experiment, chlorothalonil was
associated with increased net primary productivity and dissolved
oxygen and decreased water clarity and light availability.
Biodiversity–ecosystem functioning relationship

Many anthropogenic stressors might cause declines in biodiversity
but not affect ecosystem functions if they reduce species that contribute little to function or that are functionally redundant in communities. Chlorothalonil, however, affected several ecosystem
functions. Our experiment revealed that its effects on net primary
productivity, light, pH and DO were not direct and thus must be
mediated by its effects on biodiversity. This conclusion was supported by the significant association between chlorothalonil-induced
declines in taxonomic richness and ecosystem properties late in the
experiment (Fig. 2c). Despite considerable emphases on associations
between biodiversity and ecosystem functions (Hooper et al. 2005;
Balvanera et al. 2006; Hillebrand & Matthiessen 2009; Reiss et al.
2009), to the best of our knowledge, this is the first manipulative
study to demonstrate that contaminant-induced changes to ecosystem functions were driven by contaminant-induced declines in biodiversity and not direct effects of the anthropogenic factor on
ecosystem properties.
Whereas most researchers infer indirect effects of contaminants
(e.g. Boone et al. 2004; Relyea et al. 2005; Relyea 2009), we used
path analysis and model selection to evaluate the level of support
for the hypothesised indirect effects. These analyses suggest that the
algal blooms late in the experiment were a function of chlorothalo-

nil reducing predation from algal herbivores (top-down effect) and
shading from the macrophyte H. verticillata (bottom-up effect).
Although there has been a longstanding debate regarding whether
top-down or bottom-up mechanisms are more important in structuring communities (Hunter & Price 1992; Gripenberg & Roslin
2007), our best statistical model (based on AICc) included both
top-down and bottom-up effects on algae. However, we could not
discriminate between models with only top-down and only bottomup effects. These results suggest that both top-down and bottomup effects were likely contributors to the observed algal blooms.
This is consistent with recent reviews and studies highlighting that
both top-down and bottom-up effects structure communities
(Menge 2000; Frank et al. 2007; Gruner et al. 2008). Importantly,
algae were positively associated with ecosystem properties late in
the experiment, suggesting that the effects of chlorothalonil on ecosystem functions were mediated by changes in biodiversity that
facilitated algal blooms. Indeed, several studies have documented
the tight links between aquatic ecosystem functions and algal and
grazer dynamics (Worm et al. 2000; Carlsson et al. 2004; Lohrer
et al. 2004).
Species declines at various trophic levels can affect ecosystem
functions in complex synergistic or antagonistic ways and thus there
have been calls to study the effects of vertical (multiple trophic levels) and horizontal (within a tropic level) losses of species to ecosystem functioning (Duffy et al. 2007; Reiss et al. 2009). Chlorothalonil
initially affected three trophic levels (light resources, algae and algal
grazers) and multiple competing species within trophic levels (e.g.
multiple algal grazers), but we still detected a clear linear relationship between biodiversity losses and the quantified ecosystem properties (Fig. 2c). Despite these complex changes within and across
trophic levels, our path analysis revealed that the effects on ecosystem functions were predictable a posteriori based on basic knowledge
of associations among functional groups within the food web and
which functional groups contribute most to the focal ecosystem
properties (Fig. 3). Hence, a promising corollary of this research is
that complex effects of anthropogenic factors within and across
multiple trophic levels still might have predictable effects on ecosystem properties if there is at least a basic understanding of (1) the
effects of the stressor on functional groups, (2) the food web architecture and (3) associations between functional groups and the focal
ecosystem properties. This is consistent with recent emphases on
the value of linking trait- and functional group-based approaches to
food web theory to predict the effects of species losses or additions
on ecosystem functions (Petchey & Gaston 2006; Rohr et al. 2006;
Suding et al. 2008; Clements & Rohr 2009; Hillebrand & Matthiessen 2009; Reiss et al. 2009). We encourage further research on the
importance of direct and indirect (via biodiversity) effects of anthropogenic stressors on ecosystem functions in systems with complex
trophic interactions.
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APPENDIX B: Supplemental materials
During experimental weeks one and four, we quantified dissolved oxygen, pH, and
temperature at dawn and dusk from every tank (Corning 313 pH/temp Meter and
Ecosense YSI DO 2000). During experimental weeks two and four, we quantified light
penetration through the water column, and periphyton, phytoplankton, and macrophyte
abundance. Light was quantified at 21cm below the water surface in every tank by
hanging a Hobo light meter (model UA-002-08, Onset, Inc., Cape Cod, MA) from a float.
Periphyton was scraped from clay tiles and placed in 50 ml of water and phytoplankton
was collected by taking a water sample just below the water surface from each tank.
After the periphyton and phytoplankton samples were held in complete darkness for one
hour, chlorophyll a (F0 measurement) and photosynthetic efficiency (QY measurement)
were quantified with an Aquapen (model Z985, Qubit Systems, Kingston, Ontario,
Canada). Treatment effects on F0 and QY measurements can be thought of as lethal and
sublethal effects, respectively. Macrophyte abundance was quantified by having an
individual, blind to treatments, estimate the percentage of macrophytes in each tank
relative to the starting abundance (in 25% increments).
During weeks one and three, zooplankton samples were collected from each tank.
A PVC pipe (diameter: 10cm, height: 60cm) was placed upright in each tank, the bottom
was capped, and the entire water column sample was poured through Nitex (mesh size:
20 µm) to collect the zooplankton. Two samples were collected from each tank during
each sampling week, and the samples were homogenized and preserved with 70%
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ethanol. Zooplankton abundance and identity was later quantified using a zooplankton
counting wheel and a dissecting microscope. For logistical reasons, zooplankton data
were collected on different weeks than plant, algal, and ecosystem property data. Hence,
all repeated measures response variables were classified as either being collected early in
the experiment (first two weeks) or late in the experiment (weeks three or four).
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Table S1. Parameter values used in the USEPA
GENEEC v2 software to calculate a generalized
expected environmental concentration (EEC).
GENEEC Parameter
Chlorothalonil
depth of incorporation (0-6 in)
0
a
spray quality
fine: EFED
20-50:
nozzle height (in.)
a
EFED
Bravo
Trade name
Weather Stik
Crop
potato
Rate (pounds of active
ingredients/acre taken from
specimen label)
Number of applications
Times between applications
koc
Soil half-life (days)
Wetted application?
Application method
No spray zone (feet)
Solutbility (mg/L)
Aquatic half-life (days)
Hydrolysis half-life (days)
Photolysis half-life (days)
Peak EEC (!g/L)
a
Default in the program

1.25
9
5
b
1380
b
90
Yes
Ground
a
spray
0
b
0.6
d
8.8
d

38
164

b

http://extoxnet.orst.edu/
USDA
d
Spectrum Laboratories Inc., http://www.speclab.com/
c

!
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Table S2. Organisms added to the each cattle tank in
the beginning of the experiment
Taxa
Amount
Amphibians
Rana sphenocephala tadpoles
10
Osteopilus septentrionalis tadpoles
25
Macroarthropods
Anax junius nymphs
Belostoma flumineum adults
Ranatra sp. adults
Libellulid nymphs
Procambarus clarkii juveniles
Corixidae sp. adults

2
2
3
1
3
10

Gastropods
Planorbella trivolvis adults
Planorbella scalaris adults
Viviparus georgianus adults
Melanoides tuberculata adults

9
10
10
20

Macrophytes
Hydrilla verticillata
Utricularia macrorhiza

250 g
250 g
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TableS3. Responses of amphibians, gastropods, macroarthropods, zooplankton, algae, macrophytes, and ecosystem properties to 0, 172, or 351 µg/L of
chlorothalonil. Statistics are based on Monte-carlo permutation tests (9999 randomizations, n =16).
Statistics
Means (SE)
Regression
0 vs 172 µg/L
0 vs 351 µg/L
Variables
0 µg/L
172 µg/L
351 µg/L
F
P
F
P
F
P
R2
All variables
0.24 4.51 <0.001
2.12 0.002
4.20 0.003
Amphibians (survival)
0.37 8.39 0.005
6.96 0.013
6.70 0.023
0.687 (0.11)
0.122 (0.07)
0.000 (0.00)
0.61 22.03 0.001
11.11 0.013
17.91 0.008
Osteopilus septentrionalis a
0.097 (0.05)
0.050 (0.05)
0.000 (0.00)
0.14 4.13 0.064
0.96 0.381
3.29 0.113
Rana sphenocephala a
Gastropods (survival)
0.51 14.32 <0.001
2.70 0.069
11.58 0.003
0.979 (0.04)
0.644 (0.06)
0.075 (0.08)
0.91 144.43 <0.001
28.15 0.002 158.06 0.003
Viviparus georgianus b
1.003 (0.07)
0.751 (0.09)
0.000 (0.00)
0.82 62.18 <0.001
4.20 0.085
90.48 0.003
Planorbella trivolvis b
0.474 (0.23)
0.000 (0.00)
0.000 (0.00)
0.19 3.25 0.094
2.02 0.306
2.02 0.312
Planorbella scalaris b
1.170 (0.07)
1.053 (0.05)
1.031 (0.12)
0.11 1.66 0.220
1.18 0.313
1.10 0.347
Melanoides tuberculata b
Macroarthropods (survival)
0.05 0.71 0.662
0.69 0.718
0.71 0.671
0.098 (0.10)
0.196 (0.20)
0.196 (0.20)
0.02 0.30 0.700
0.26 1.000
0.24 0.812
Anax junius a
0.163 (0.09)
0.639 (0.32)
0.605 (0.16)
0.23 4.14 0.059
3.56 0.100
6.90 0.029
Libellulidb
0.884 (0.18)
0.982 (0.38)
0.785 (0.32)
0.00 0.04 0.841
0.07 0.878
0.09 1.000
Belostoma sp.a
0.427 (0.13)
0.547 (0.20)
0.462 (0.15)
0.01 0.06 0.807
0.25 0.636
0.03 0.887
Ranatra sp. a
0.682 (0.20)
0.994 (0.37)
0.819 (0.18)
0.02 0.28 0.602
0.68 0.423
0.19 0.655
Corixidb
1.417 (0.10)
1.417 (0.15)
1.571 (0.00)
0.06 0.94 0.365
1.67 0.257
Procambarus clark ii survivala
1.294 (0.03)
1.247 (0.05)
1.281 (0.04)
0.01 0.14 0.722
0.71 0.434
0.05 0.810
Procambrus clark ii weight (g)b
Zooplankton (abundance)
0.21 3.61 0.003
2.89 0.009
4.18 0.003
0.01 0.20 0.671
0.15 0.689
0.25 0.622
Nauplii early b
2.123 (0.06)
2.047 (0.26)
2.037 (0.22)
0.20 3.53 0.083
l 0.283
4.18 0.066
Nauplii lateb
2.186 (0.05)
2.307 (0.13)
2.392 (0.10)
0.60 21.08 0.001
56.70 0.002
25.00 0.004
Calanoid copepods early b
1.402 (0.07)
0.369 (0.15)
0.398 (0.26)
0.11 1.76 0.198
5.18 0.052
1.82 0.203
Calanoid copepods lateb
1.453 (0.15)
0.784 (0.30)
1.162 (0.06)
0.43 10.55 0.007
1.16 0.299
18.72 0.007
Cyclopoid copepods early b
1.186 (0.13)
0.831 (0.40)
0.195 (0.19)
0.17 2.86 0.110
0.97 0.389
3.70 0.074
Cyclopoid copepods lateb
1.556 (0.12)
1.229 (0.42)
0.991 (0.35)
0.16 2.74 0.120
0.00 0.979
2.70 0.195
Diaphanosoma sp. early b
0.608 (0.26)
0.624 (0.17)
0.000 (0.00)
0.00 0.07 0.789
4.69 0.058
0.00 0.991
Diaphanosoma sp. lateb
0.670 (0.14)
1.301 (0.31)
0.658 (0.40)
0.36 7.71 0.016
4.84 0.058
6.54 0.031
Ceriodaphnia sp. early b
1.482 (0.20)
0.725 (0.29)
0.556 (0.33)
0.00 0.00 1.000
1.12 0.288
0.08 0.821
Ceriodaphnia sp. lateb
1.044 (0.18)
0.614 (0.47)
1.124 (0.44)
Algae
0.20 3.46 0.020
1.37 0.233
2.04 0.069
0.194 (0.01)
0.190 (0.01)
0.189 (0.01)
0.01 0.18 0.678
0.09 0.786
0.12 0.768
Phytoplankton QY early b
2.574 (0.13)
2.527 (0.04)
2.719 (0.06)
0.00 0.00 0.976
0.52 0.563
0.01 0.958
Phytoplankton F0 early b
0.167 (0.02)
0.206 (0.00)
0.208 (0.00)
0.29 5.79 0.016
5.39 0.049
3.84 0.055
Phytoplankton QY lateb
2.399 (0.08)
2.541 (0.03)
2.663 (0.07)
0.30 5.89 0.032
0.75 0.408
4.45 0.067
Phytoplankton F0 lateb
0.135 (0.01)
0.128 (0.02)
0.142 (0.02)
0.00 0.07 0.807
0.10 0.760
0.10 0.763
Periphyton QY early b
3.436 (0.04)
3.363 (0.09)
3.229 (0.1)
0.24 4.46 0.053
0.28 0.600
4.74 0.055
Periphyton F0 early b
0.177 (0.01)
0.197 (0.01)
0.194 (0.01)
0.17 2.88 0.115
3.06 0.117
1.89 0.198
Periphyton QY lateb
3.396 (0.07)
3.685 (0.08)
3.668 (0.18)
0.30 5.96 0.024
6.47 0.028
4.67 0.052
Periphyton F0 lateb
Macrophytes
0.32 6.51 0.004
1.94 0.175
5.82 0.018
Hydrilla verticillata (proportion of
0.415 (0.03)
0.232 (0.06)
0.112 (0.04)
0.66 27.78 <0.001
8.38 0.021
27.94 0.003
intial addition)c
Utricularia macrorhiza (proportion
1.281 (0.38)
1.453 (0.49)
0.824 (0.49)
0.03 0.41 0.522
0.07 0.832
0.52 0.480
of intial addition)a
b
1.525 (0.35)
0.449 (0.45)
0.000 (0.00)
0.42 9.97 0.009
3.32 0.127
9.00 0.044
H. verticillata (final wt. in g)
Ecosystem properties
0.26 4.99 0.001
5.13 0.002
4.41 0.003
Leaf decomposition (grams lost)
0.596 (0.03)
0.390 (0.05)
0.478 (0.01)
0.29 5.83 0.030
16.41 0.004
7.85 0.017
Temperature early (°C)
29.119 (0.04)
29.263 (0.05)
29.113 (0.04)
0.00 0.07 0.794
5.17 0.054
0.01 0.903
Temperature late (°C)
28.950 (0.08)
29.175 (0.03)
28.950 (0.09)
0.01 0.09 0.774
3.62 0.098
pH early
7.811 (0.12)
7.720 (0.14)
7.490 (0.05)
0.20 3.43 0.084
0.20 0.681
3.35 0.074
pH late
7.456 (0.22)
7.853 (0.07)
7.803 (0.13)
0.12 2.20 0.156
1.73 0.223
1.46 0.271
0.761 (0.06)
0.756 (0.04)
0.795 (0.04)
0.01 0.14 0.709
0.00 0.979
0.13 0.731
Dissolved oxygen early (%)a
1.029 (0.04)
1.202 (0.04)
1.311 (0.10)
0.51 14.57 0.001
8.16 0.021
10.70 0.010
Dissolved oxygen late (%)a
24.600 (2.16)
23.900 (2.55)
0.42 10.20 0.006
10.86 0.005
8.83 0.007
Net primary productivity early (%)d 13.775 (2.03)
19.200 (2.01)
24.650 (6.05)
25.750 (4.03)
0.13 2.11 0.171
1.19 0.327
2.72 0.132
Net primary productivity late (%)d
2.333 (0.04)
2.713 (0.02)
2.752 (0.02)
0.82 62.78 <0.001
86.28 0.002 100.51 0.003
Light early (lumens/ft 2)b
3.185 (0.03)
3.001 (0.04)
3.030 (0.03)
0.47 12.45 0.005
14.44 0.007
12.17 0.010
Light late (lumens/ft 2)b
a
b

arcsine-square-root-transformed proportion
log10 (response+1)

c

log10 ((response/100)+1)

d

dissolved oxgen at dusk minus dissolved oxgen at dawn
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Table S4. Responses of variables quantified early (first two weeks) and late (last two weeks) in experiment to 0, 172, or 351 µg/L of chlorothalonil (n=16).
Mean (SE)
Early
0 µg/L
Response
All repeated-measures
variables
Zooplankton (abundance)
Naupliia
2.123 (0.06)
Calanoid copepods a
1.402 (0.07)
Cyclopoid copepods a
1.186 (0.13)
Diaphanosoma sp. a
0.608 (0.26)
a
Ceriodaphnia sp.
1.482 (0.20)
Algae
a
0.194 (0.01)
Phytoplankton QY
2.574 (0.13)
Phytoplankton F0a
0.135 (0.01)
Periphyton QY a
3.436 (0.04)
Periphyton F0a
2.196 (0.06)
Hydrilla verticillata b
Ecosystem properties
Temperature (°C)
29.119 (0.04)
pH
7.811 (0.12)
0.761 (0.06)
Dissolved oxygen (%)c
Net primary productivity (%)d 13.775 (2.03)
2.333 (0.04)
Lighta
a
log10 (response+1)

Late

172 µg/L

351 µg/L

-

-

2.047
0.369
0.831
0.624
0.725
0.190
2.527
0.128
3.363
1.807
29.263
7.720
0.756
24.600
2.713

(0.26)
(0.15)
(0.40)
(0.17)
(0.29)
(0.01)
(0.04)
(0.02)
(0.09)
(0.16)
(0.05)
(0.14)
(0.04)
(2.16)
(0.02)

2.037
0.398
0.195
0.000
0.556
0.189
2.719
0.142
3.229
1.208
29.113
7.490
0.795
23.900
2.752

(0.22)
(0.26)
(0.19)
(0.00)
(0.33)
(0.01)
(0.06)
(0.02)
(0.10)
(0.41)
(0.04)
(0.05)
(0.04)
(2.55)
(0.02)

0 µg/L
2.186
1.453
1.556
0.670
1.044
0.167
2.399
0.177
3.396
1.525
28.950
7.456
1.029
19.200
3.185

(0.05)
(0.15)
(0.12)
(0.14)
(0.18)
(0.02)
(0.08)
(0.01)
(0.07)
(0.35)
(0.08)
(0.22)
(0.04)
(2.01)
(0.03)

172 µg/L

351 µg/L

-

-

2.307
0.784
1.229
1.301
0.614
0.206
2.541
0.197
3.685
0.449
29.175
7.853
1.202
24.650
3.001

Statistics
Chlorothalonil x
time
P

Chlorothalonil

(0.13)
(0.30)
(0.42)
(0.31)
(0.47)
(0.00)
(0.03)
(0.01)
(0.08)
(0.45)
(0.03)
(0.07)
(0.04)
(6.05)
(0.04)

2.392
1.162
0.991
0.658
1.124
0.208
2.663
0.194
3.668
0.000
28.950
7.803
1.311
25.750
3.030

P

-

0.001

0.001

(0.10)
(0.06)
(0.35)
(0.40)
(0.44)
(0.00)
(0.07)
(0.01)
(0.18)
(0.00)
(0.09)
(0.13)
(0.10)
(4.03)
(0.03)

0.004

0.039

0.556
0.004
0.006
0.435
0.188
0.108
0.147
0.039
0.308
0.626
<0.001
0.038
0.758
0.766
0.017

0.274
0.036
0.363
0.149
0.017
0.038
0.032
0.508
0.606
0.004
0.929
<0.001
0.837
0.044

0.019
0.318

0.025
0.348
<0.001

b

log10 ((response/100)+1)
arcsine-square-root-transformed proportion
d
dissolved oxgen at dusk minus dissolved oxgen at dawn
c
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Table S1. Parameter values used in the USEPA
GENEEC v2 software to calculate a generalized
expected environmental concentration (EEC).
GENEEC Parameter
Chlorothalonil
depth of incorporation (0-6 in)
0
a
spray quality
fine: EFED
20-50:
nozzle height (in.)
a
EFED
Bravo
Trade name
Weather Stik
Crop
potato
Rate (pounds of active
ingredients/acre taken from
specimen label)
Number of applications
Times between applications
koc
Soil half-life (days)
Wetted application?
Application method
No spray zone (feet)
Solutbility (mg/L)
Aquatic half-life (days)
Hydrolysis half-life (days)
Photolysis half-life (days)
Peak EEC (µg/L)
a
Default in the program

1.25
9
5
b
1380
b
90
Yes
Ground
a
spray
0
b
0.6
d
8.8
d

38
164

b

http://extoxnet.orst.edu/
USDA
d
Spectrum Laboratories Inc., http://www.speclab.com/
c
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Table S2. Organisms added to the each cattle tank in
the beginning of the mesocosm experiment
Taxa
Amphibians
Rana sphenocephala tadpoles
Osteopilus septentrionalis tadpoles

Amount
10
25

Macroarthropods
Anax junius nymphs
Belostoma flumineum adults
Ranatra sp. adults
Libellulid nymphs
Procambarus clarkii juveniles
Corixidae sp. adults

2
2
3
1
3
10

Gastropods
Planorbella trivolvis adults
Planorbella scalaris adults
Viviparus georgianus adults
Melanoides tuberculata adults

9
10
10
20

Macrophytes
Hydrilla verticillata
Utricularia macrorhiza

250 g
250 g
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Table S4.
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APPENDIX C: Copyright permission from Ecology Letters for use of this
manuscript in dissertation.
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APPENDIX D: The fungicide chlorothalonil is nonlinearly associated with
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corticosterone levels, immunity and mortality in amphibians
The Fungicide Chlorothalonil Is Nonlinearly Associated with Corticosterone
Levels, Immunity, and Mortality in Amphibians
Taegan A. McMahon,1 Neal T. Halstead,1 Steve Johnson,2 Thomas R. Raffel,1 John M. Romansic,1
Patrick W. Crumrine,3 Raoul K. Boughton,4 Lynn B. Martin,1 and Jason R. Rohr1
1Department

of Integrative Biology, University of South Florida, Tampa, Florida, USA; 2University of Florida Gulf Coast Research and
Education Center, Wimauma, Florida, USA; 3Department of Biological Sciences, Rowan University, Glassboro, New Jersey, USA;
4Avian Ecology Program, Archbold Biological Station, Venus, Florida, USA

BACKGROUND: Contaminants have been implicated in declines of amphibians, a taxon with vital
systems similar to those of humans. However, many chemicals have not been thoroughly tested on
amphibians or do not directly kill them.
OBJECTIVE: Our goal in this study was to quantify amphibian responses to chlorothalonil, the most
commonly used synthetic fungicide in the United States.
METHODS: We reared Rana sphenocephala (southern leopard frog) and Osteopilus septentrionalis
(Cuban treefrog) in outdoor mesocosms with or without 1 time (1t) and 2 times (2t) the expected
environmental concentration (EEC) of chlorothalonil (~ 164 µg/L). We also conducted two dose–
response experiments on O. septentrionalis, Hyla squirella (squirrel treefrog), Hyla cinerea (green
treefrog), and R. sphenocephala and evaluated the effects of chlorothalonil on the stress hormone
corticosterone.
RESULTS: For both species in the mesocosm experiment, the 1t and 2t EEC treatments were associated with > 87% and 100% mortality, respectively. In the laboratory experiments, the approximate
EEC caused 100% mortality of all species within 24 hr; 82 µg/L killed 100% of R. sphenocephala, and
0.0164 µg/L caused significant tadpole mortality of R. sphenocephala and H. cinerea. Three species
showed a nonmonotonic dose response, with low and high concentrations causing significantly
greater mortality than did intermediate concentrations or control treatments. For O. septentrionalis,
corticosterone exhibited a similar nonmonotonic dose response and chlorothalonil concentration was
inversely associated with liver tissue and immune cell densities (< 16.4 µg/L).
CONCLUSIONS: Chlorothalonil killed nearly every amphibian at the approximate EEC; at concentrations to which humans are commonly exposed, it increased mortality and was associated with
elevated corticosterone levels and changes in immune cells. Future studies should directly quantify
the effects of chlorothalonil on amphibian populations and human health.
KEY WORDS: disease, endocrine disruption, immunity, mortality, pesticide, toxicology. Environ
Health Perspect 119:1098–1103 (2011). doi:10.1289/ehp.1002956 [Online 4 April 2011]

Amphibians are arguably the “poster child”
of the present extinction crisis (Wake and
Vredenburg 2008), with > 32% of species
threatened and at least 43% experiencing
popu lation declines (Stuart et al. 2004).
Chemical pollution is a concern for the health
of both amphibians and humans. It is considered the second greatest threat (behind habitat
loss) to aquatic and amphibious species in the
United States and has been linked to amphibian declines and disease (Davidson et al. 2002;
Rohr et al. 2008a). Similarly, contaminants
have been linked to mortality and disease in
humans (Dietert et al. 2010). Importantly,
many vital systems of amphibians, such as
endocrine and immune systems, are similar to those in humans (Hayes 2005), and a
genome analysis revealed that the amphibian Xenopus tropicalis has > 1,700 genes with
human disease associations (Hellsten et al.
2010). Thus, in addition to being of conservation concern, amphibians might be an
underused model taxon for studying stressor
effects on human health.
Although the hypothesis that contaminants
are a factor in amphibian declines is plausible,
most previously tested chemicals have not

1098

!

directly killed amphibians at or below expected
environmental concentrations (EECs; but see
Rohr et al. 2006b; Storrs and Kiesecker 2004),
although sublethal and indirect effects can
be strong (Rohr et al. 2006a). Nevertheless,
many chemicals remain untested on amphibians. For example, chlorothalonil is the most
commonly used synthetic fungicide in the
United States (Kiely et al. 2004) and is toxic to
shrimp, insects, and fish at or below the EEC
(164 µg/L) (Caux et al. 1996; Grabusky et al.
2004). It can be transported great distances
and has been found in tropical mountains
where most amphibian declines have occurred
(Stuart et al. 2004). However, its effects on
amphibians have rarely been studied.
Chlorothalonil can also affect vertebrate
and invertebrate immune systems. Chlorothalonil exposure was associated with contact dermatitis (Penagos 2002) and DNA
damage to leukocytes of farmers 1 day
after spraying (Lebailly et al. 1997). It can
be immunosuppressive to oysters and fish,
reducing macrophage viability and function,
immunoglobulin M, and expression of proinflammatory cytokines (Baier-Anderson and
Anderson 2000; Shelley et al. 2009). These

findings are a concern because pollution is
often associated with wildlife disease emergence (Dobson and Foufopoulos 2001) and
amphibians are being decimated by infectious
disease (Daszak et al. 2003). The objective
of this study was to quantify the effects of
chlorothalonil on amphibian survival, immunity, corticosterone levels, and liver density.
Chloro thalonil (2,4,5,6-tetrachloroisophthalonitrile) is widely used to control
fungus on peanuts, corn, and potatoes (Cox
1997). Approximately 14 million pounds are
applied annually in the United States, with
approximately 500,000 pounds used per year
in Florida [U.S. Environmental Protection
Agency (EPA) 1999], the location of the present study. Chlorothalonil is typically applied
during the wet season, corresponding to the
breeding activity of many amphibians (Rohr
et al. 2004).
Chloro thalonil binds to glutathione,
which disrupts cellular respiration (Grabusky
et al. 2004), a vital process for virtually every
organism, including humans. In water,
chlorothalonil is short lived, with a half-life
of approximately 44 hr (U.S. EPA 1999). The
primary chlorothalonil metabolite (4-hydroxy2,5,6-trichloroisophthalonitrile) is estimated
to be 30 times more acutely toxic than chlorothalonil and is also more persistent and mobile
in soil (U.S. EPA 1988). During its manufacture, chlorothalonil is also contaminated
with hexachlorobenzene (Hung et al. 2010),
a probable carcinogen with a soil half-life of
3–6 years (Cox 1997).
Shuman et al. (2000) detected chlorothalonil concentrations of ≤ 290 µg/L in runoff, and chlorothalonil has been detected in
groundwater (“standpipe” wells) at concentrations ≤ 272 µg/L. Nevertheless, the EEC
of chlorothalonil in ponds [calculated using
the U.S. EPA’s GENEEC software, version 2;
Address correspondence to T. McMahon, Department
of Integrative Biology, University of South Florida,
Tampa, FL 33620 USA. Telephone: (813) 974-0156.
Fax: (813) 974-3263. E-mail: tamcmaho@mail.
usf.edu
Supplemental Material is available online (doi:10.
1289/ehp.1002956 via http://dx.doi.org/).
Funds for this research were provided by the U.S.
Department of Agriculture (NRI 2006-01370, 200935102-0543) to J.R.R.
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for parameters, see Supplemental Material,
Table S1(doi:10.1289/ehp.1002956)] is
approximately 164 µg/L. If lowest observable
effect concentrations (LOECs) of a chemical
are near or below its EEC, then it poses sufficient risk to warrant higher-level modeling.
Hence, effects of a chemical near or below the
EEC can affect the decision to approve its use.

Materials and Methods
This work was approved by animal care and
use committees of the University of South
Florida (W3228) and the University of Florida
(023-08WEC). All animals used were treated
humanely and with regard for alleviation
of suffering.
Mesocosm experiment. The mesocosm
experiment was conducted at the University of
Florida’s Gulf Coast Research and Education
Center during July and August 2008
(35 days total). Mesocosms consisted of cattle
water tanks (1.8 m diameter, 60 cm deep,
~ 1,100 L) containing 800 L water, 300 g leaf
litter, and local zooplankton, phytoplankton,
periphyton, insect, gastropod, and crayfish
species [see Supplemental Material, Table S2
(doi:10.1289/ehp.1002956)]. Mesocosms were
covered with 60% shade cloth to prevent overheating and entry or escape of animals. Each
tank received 10 Rana sphenocephala (southern leopard frog) tadpoles from eight clutches
(collected at N 28°06.759´, W 082°23.014´)
and 25 Osteopilus septentrionalis (Cuban treefrog) tadpoles (all at Gosner stages 25–28;
Gosner 1960) from five clutches (collected at
N 28°03.537´, W 082°25.410´).
Tanks were arranged in a randomized
block design with four replicates of each treatment (a total of 16 tanks). There were two
control treatments, receiving either 50 mL
of water or 50 mL acetone solvent (used to
dissolve chlorothalonil). Tanks for the remaining two treatments received chlorothalonil
(technical grade, purity > 98%; Chemservice,
West Chester, PA) dissolved in 50 mL acetone
so that nominal concentrations in the tanks
were either one time the EEC (1×; 164 µg/L)
or two times the EEC (2×; 328 µg/L). Tanks
were dosed the same day as the amphibians
were added, and targeted nominal concentrations closely matched the actual concentrations (1×, 172 µg/L; 2×, 351 µg/L; spiked
recovery efficiencies, 95%). Thus, for simplicity and consistency across the experiments in
this article, we refer to the nominal concentrations. Several water quality and chemistry variables were quantified at various times during
the experiment [see Supplemental Material,
“Mesocosm Experimental Methods” and
Tables S3 andS4 (doi:10.1289/ehp.1002956)].
Standardized dip net sampling of each tank
was conducted the third day of the experiment
to quantify any rapid mortality associated
with chlorothalonil exposure. The number of
Environmental Health Perspectives t

metamorphosed frogs was noted daily, and
tadpole survival was determined 5 weeks
after dosing.
Laboratory experiment I. We obtained
Hyla squirella and O. septentrionalis from
multiple, thoroughly mixed clutches collected from two adjacent retention ponds in
Tampa, Florida, in July 2008 (N 28°0.322´,
W 82°19.532´). We employed a completely
randomized design with 21 32-L glass aquaria,
each filled with 10 L artificial spring water
(Cohen et al. 1980), with water hardness of
62.7 ppm (5B Hardness Test Kit; HACH Co.,
Loveland, CO) and pH ~ 7.0). Aquaria were
maintained in a laboratory at the University
of South Florida at 27°C and on a 14:10-hr
light:dark cycle. Each aquarium received five
H. squirella and 15 O. septentrionalis tadpoles
(Gosner stages 25–28), and tadpoles were fed
boiled organic spinach daily. We used five
treatments of technical grade chlorothalonil
(purity > 98%; Chemservice; actual concentrations, 0.176, 1.76, 17.6, 176, and 1,760 µg/L)
and two control treatments [water and solvent
(500 ng/L acetone)], with three replicates per
treatment. The targeted nominal concentration
for the chlorothalonil stock was 1,640 µg/L,
and the actual concentration was 1,760 µg/L
(spiked recovery efficiencies, 95%). All of the
other concentrations were attained through
serial dilutions of this stock solution. Again,
for simplicity and consistency across the experiments, we refer to the nominal concentrations.
We quantified frog survival and preserved dead
tadpoles 12 hr after the start of the experiment
and then every 24 hr for 4 days (there were no
water changes). Surviving tadpoles were euthanized and preserved (70% ethanol) at the end
of the experiment.
Laboratory experiment II. The same protocols used in laboratory experiment I were
used in this experiment, conducted in October
2008, with the following exceptions. We
tested three tadpole species: R. sphenocephala,
O. septentrionalis, and H. cinerea (all starting
at Gosner stage 25). We employed a completely randomized design with 144 500-mL
mason jars, each filled with 300 mL artificial
spring water and each receiving three tadpoles
of a single species. Species were isolated in
this experiment because O. septentrionalis was
occasionally observed depredating H. squirella
in laboratory experiment I. The jars received
one of six chlorothalonil treatments (0.0164,
0.164, 1.64, 16.4, 82.0, or 164 µg/L) or water
or solvent. We used the same stock solution
as in laboratory experiment I. A single water
change occurred on day 7, and each jar was
redosed at that time. There were six replicates
per species per treatment. The number of surviving tadpoles was noted after 4 hr, 24 hr, and
then every 24 hr, for 10 days, and all dead tadpoles were removed and preserved in formalin
at those times.
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To quantify the effects of chlorothalonil
on tadpole livers and immune cells, at the
end of the experiment one arbitrarily selected
O. septentrionalis from each replicate was
euthanized, embedded in paraffin, sectioned,
and stained with hematoxylin and eosin. We
used O. septentrionalis for liver, immune,
and corticosterone quantification because it
had the lowest mortality of the three species
and thus offered us the most survivors per
tissue. To test whether chlorothalonil exposure affected liver tissue integrity, we used
ImageJ64 software (Rasband 2010) to calculate liver tissue density, following ImageJ’s
Quantifying Stained Liver Tissue (Burger and
Burge 2009), which reports the density of
stained tissue within a designated area. To
test whether chlorothalonil exposure affected
density of liver immune cells, we counted the
number of melanomacrophages and granulocytes per field of view at 400× magnification.
Melanomacrophages and granulocytes are
leukocytes that help defend against a variety
of parasites (Rohr et al. 2008b). Because of the
morphological similarity among granulocytes,
we conservatively categorized all granulecontaining immune cells as granulocytes, but
most were likely eosinophils.
Corti costerone experiment. We used
O. septentrionalis tadpoles (Gosner stages
25–28; the same population as used in laboratory experiment II) to quantify the effect of
chlorothalonil exposure on frog corticosterone
levels, a steroid hormone elevated in response
to natural and anthropogenic stressors, including pesticides (Martin et al. 2010). We used
the same general protocols as described in
laboratory experiment II and the following
treatments: 0.164, 16.4, 82, and 164 µg/L
chlorothalonil, and water and solvent controls. These treatments were crossed with one
of three chlorothalonil exposure durations: 4,
28, or 100 hr (n = 3, 2, and 3, respectively).
The exception, however, was that tadpoles
exposed to 164 µg/L chlorothalonil were only
exposed for 4 hr because they did not survive for 28 or 100 hr of exposure. This design
resulted in 43 independent replicates. After
the appropriate exposure duration, tadpoles
were euthanized, and individual tadpoles
were weighed (to 0.0001 g) and homogenized
in ultrapure water. Tritiated corticosterone
(2,000 cpm) was then added to each sample
to quantify recoveries postextraction. We used
a corticosterone enzyme immunoassay (EIA)
kit (catalog no. 900-097; Assay Designs,
Ann Arbor, MI) to quantify hormone levels
in each sample. Individual recoveries (mean,
55.3%) and tadpole mass measurements were
used to estimate corticosterone per gram of
tadpole tissue. Detailed methods for this EIA
kit and a discussion of its potential limitations are provided in Supplemental Material
(doi:10.1289/ehp.1002956).
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164 µg/L

0

328 µg/L

Survival (proportion)

Figure 1. Survival of tadpoles in the mesocosm
experiment shown by the number of O. septentrionalis and R. sphenocephala tadpoles surviving after
exposure to measured concentrations of chlorothalonil (1× EEC, ~ 164 μg/L; 2× EEC, ~ 328 μg/L;
single pulse) relative to controls (water and solvent combined). Both species had 0% survival at
328 μg/L. For O. septentrionalis , n = 25/treatment;
for R. sphenocephala, n = 10/treatment.
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Results
Mesocosm experiment. The multivariate permutation test revealed a positive association
between chlorothalonil concentration and
amphibian mortality (p = 0.005), with controls
having less mortality than both the 164 µg/L
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(p = 0.013) and 338 µg/L chlorothalonil treatments (p = 0.023; Figure 1). Chlorothalonil
concentration was positively associated with the
mortality of both O. septentrionalis (p = 0.001)
and R. sphenocephala (p = 0.064; Figure 1).
A mean (± SE) of 1.5 ± 0.327 live tadpoles
were captured per dip netting session in control
tanks, but no live tadpoles were netted from
chlorothalonil tanks (the only tanks where
dead tadpoles were netted). These results suggest that most of the mortality associated with
chlorothalonil occurred within the first 72 hr
of exposure.
Laboratory experiment I. Survival was
lower for H. squirella than for O. septentrionalis, most likely because O. septentrionalis
depredated H. squirella (Figure 2A). Despite
this predation, time to death for H. squirella was shorter for tadpoles exposed to any
chlorothalonil concentration relative to controls [Fisher’s LSD, p < 0.023 for controls
compared with any chlorothalonil concentration (Figure 2B); for full analysis of covariance results, see Supplemental Material
(doi:10.1289/ehp.1002956)].
For O. septentrionalis, survival was nonmonotonic, with low and high concentrations
causing significantly greater mortality than
intermediate concentrations and control treatment (Figure 2A). Relative to controls, survival
was reduced by > 80% in the 0.164, 17.6, 164,
and 1,640 µg/L concentrations, but survival
was not significantly reduced by 1.64 µg/L
chlorothalonil, and this concentration was significantly different from both adjacent concentrations (Figure 2A). This nonmonotonicity
was also supported by polynomial regression,
which produced a significant quadratic term
for concentrations < 16.4 µg/L [for statistics,
see Supplemental Material (doi:10.1289/
ehp.1002956)]. Relative to controls, time to
death was shorter for O. septentrionalis tadpoles exposed to any chlorothalonil concentration (Fisher’s LSD, p < 0.021 for 0 µg/L vs.
0.164, 1.64, 164, or 1,640 µg/L; Figure 2B),
with the exception of 16.4 µg/L (Fisher’s LSD,
p = 0.190; Figure 2B).

Survival (proportion)

1.0

O. septentrionalis
R. sphenocephala

12

simple (one inflection point), chlorothalonil
concentration was treated as a continuous
predictor, and we used polynomial regression with type II sums of squares to fit the
data (immune responses). If a response was
nonlinear and relatively complex (more than
one apparent inflection point), chlorothalonil
concentrations were treated as levels of a categorical predictor followed by Fisher’s least
significant difference (LSD) multiple comparison test to determine which levels were
different from one another (proportion of
tadpoles that survived and time to death).
As an additional test for nonmonotonicity
(hump-shaped dose response), we eliminated
the highest concentrations, which typically
caused considerable mortality, and used polynomial regression to test for a quadratic dose–
response relation ship with the remaining
concentrations. For the immune responses,
we conducted a multi variate polynomial
regression model with melanomacrophages
and granulocytes as responses and followed it
by univariate analyses on each response variable. We log-log transformed these relationships to improve fit and meet the assumption
of the polynomial regression.
For the corticosterone experiment, we
conducted polynomial regression (using least
trimmed squares) with chlorothalonil concentration as a continuous predictor and logtransformed corticosterone as the response variable. All statistical analyses were conducted with
Statistica (version 8.0; Statsoft, Tulsa, OK).
We did not calculate LC50 (concentration that
results in death of 50% of individuals by a given
time) values for any responses because all three
dose–response experiments showed evidence
of nonmonotonicity, which would violate the
assumptions of LC50 calculations.

Time to death (hr)

14

Mean no. of surviving
R. sphenocephala

Mean no. of surviving
O. septentrionalis

Statistical analyses. For all experiments
and responses, we compared the water and
solvent controls. Because we found no difference between these treatments (p > 0.328), we
pooled the two treatments into one “control”
group for all subsequent analyses.
For the mesocosm experiment, all analyses
were conducted on the arcsine-square-root–
transformed proportion of R. sphenocephala
and O. septentrionalis surviving to the end
of the experiment, controlling for the four
spatial blocks. We tested whether chlorothalonil was associated with mortality relative to the control treatments by conducting
a permutation-based multivariate regression
analysis. For the laboratory experiment, we
arcsine-square-root transformed the proportion of tadpoles surviving until the end of
the experiment and log transformed hours
to death, mass of survivors, amount of liver
damage, and melanomacrophage and granulocyte counts to meet parametric assumptions.
For the liver and immune analyses, we log
transformed chlorothalonil concentration and
weighted the time to death analyses by the
number of animals that died per replicate. If a
dose response appeared linear, chlorothalonil
concentration was treated as a continuous
predictor in a regression model (liver density).
If a dose response was nonlinear but relatively
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Figure 2. Survival of tadpoles in laboratory experiments I and II. Survival (A) and time to death (B) of O. septentrionalis (15 tadpoles/tank) and H. squirella (5 tadpoles/tank) exposed to several concentrations of chlorothalonil (0.164, 1.64, 16.4, 164, and 1,640 μg/L) and controls (water and solvent combined) for laboratory
experiment I (n = 3 for all chlorothalonil concentrations; n = 6 for controls). (C) Survival of O. septentrionalis, H. cinerea, and R. sphenocephala exposed to several
concentrations of chlorothalonil (0.0164, 0.164, 1.64, 16.4, 82.0, and 164 μg/L) and control treatments (water and solvent combined) for laboratory experiment II (n = 6
for all chlorothalonil concentrations: n = 12 for controls). Values shown are mean ± SE. Different lowercase letters indicate that responses for a given species were
significantly different (p < 0.05) among treatment levels according to Fisher’s LSD multiple comparison tests.
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bioaccumulate up to 3,000 times in fish (Cox high mortality (Figure 4). As a reminder, we
1997; U.S. EPA 1999).
conducted this study on the O. septentrionalis
Increasing chlorothalonil concentrations population that did not exhibit any significant
were associated with significant decreases in nonmonotonic mortality response to chloroliver density of O. septentrionalis [F1,40 = 4.82, thalonil and exhibited significant mortality
p = 0.034; Figure 3A; see also Supplemental only at concentrations ≥ 82 µg/L (Figure 2C).
Material, Figure S2 (doi:10.1289/ehp.
1002956)]. Chlorothalonil concentration was Discussion
also associated quadratically with both melano- Ultimately, scientists should use a weight-ofmacrophages and granulocytes in this species evidence approach to evaluate risk posed by
(Figure 3B; for statistics, see Supplemental chemicals, which is partly why we conducted
Material). That is, relative to controls, tadpoles four experiments to quantify the effects of
exposed to low concentrations had fewer of chlorothalonil on amphibians: a contrived,
these immune cells, whereas tadpoles exposed but highly controlled, laboratory experiment
to high concentrations had elevated numbers (laboratory experiment II), a more ecologiof these cells (Figure 3B). We observed con- cally relevant laboratory experiment where
siderable mortality at the 82 and 164 µg/L we allowed species to interact (laboratory
concentrations that may have confounded experiment I), a laboratory experiment to
our immune results and might explain the assess whether corticosterone levels exhibited
increase in immune cells at these concentra- a dose response similar to that for mortality
tions. Thus, we reanalyzed the dose response (corticosterone experiment), and a field mesoexcluding these two highest concentrations cosm experiment with a complex freshwater
and discovered that, at these lower and more community (mesocosm experiment). In all of
environmentally common concentrations, these experiments, we found adverse effects
chlorothalonil was associated with a reduc- of chlorothalonil on tadpoles. Although in
tion in both melanomacrophages (F1,32 = 4.67; laboratory experiment I we had low survival
p = 0.038) and granulocytes (F1,32 = 5.52; of H. squirella in the control group, possibly
p = 0.025; Figure 3B).
because of depredation by O. septentrionalis,
Corticosterone experiment. Corticosterone these species regularly coexist, making this
levels increased significantly with chloro- interaction ecologically relevant. This experithalonil exposure duration (F1,27 = 11.57, ment also reinforced the significant lethalp = 0.002). After 4 hr exposure to chloro- ity of the EEC and lower concentrations of
thalonil, the relationship between log
2.9
corticosterone levels and chlorothalonil concentration was significantly nonlinear (concenb
tration3: F1,11 = 6.12; p = 0.031), with low and
2.5 b
high concentrations of chlorothalonil being
associated with higher levels of corticosterone
than were intermediate concentrations and
a
2.1
controls (Figure 4). Multiple comparison
a
a
tests further supported the conclusion that
1.7
this dose–response curve was significantly
140
190
0
40
90
nonlinear (Figure 4). This same general patChlorothalonil (µg/L)
tern persisted for up to 100 hr of exposure,
but tadpoles were not available after the 4 hr Figure 4. Effects of chlorothalonil on corticosterone
exposure duration for 164 µg/L because of per gram of O. septentrionalis tissue shown as
Corticosterone
(log ng/g tissue)

Laboratory experiment II. For each species, the 164 µg/L concentration killed 100%
of the tadpoles by the end of the experiment [Figure 2C; for mortality through time
and full statistical results, see Supplemental
Material, Figure S1 and methods for laboratory experiment II, respectively (doi:10.1289/
ehp.1002956)]. However, we observed considerable variation among species in their
sensitivity to chlorothalonil. R. sphenocephala
appeared most sensitive, experiencing 86%
mortality at 0.164 µg/L and 100% mortality
at 82 µg/L (Figure 2C), whereas O. septentrionalis was least sensitive (Figure 2A).
The dose response for survival was significantly nonmonotonic for R. sphenocephala
and H. cinerea, with low and high concentrations causing significantly greater mortality
than intermediate concentrations and control treatment (Figure 2C), a result similar to
the nonmonotonic dose response revealed in
laboratory experiment I for O. septentrionalis.
For R. sphenocephala, 0.164 µg/L caused significantly more mortality than did each adjacent concentration, and we found a significant
quadratic term for the response to doses
< 82 µg/L. For H. cinerea, 0.0164 µg/L caused
significantly more mortality than did each
adjacent concentration, and as for R. sphenocephala, we found a significant quadratic
term for the response to doses < 16.4 µg/L
[for poly nomial results for both species;
see Supplemental Material (doi:10.1289/
ehp.1002956)]. As a reminder, each data point
in Figure 2C is the mean of six data points,
and thus the 0.0164 µg/L concentration for
H. cinerea is not an outlier or artifact.
O. septentrionalis did not exhibit a nonmonotonic response in this experiment as it
did in laboratory experiment I (Figure 2A,C).
This is possibly due to differences in tadpole
densities, developmental stages, source populations, or bioaccumulation of chlorothalonil
associated with O. septentrionalis depredating H. squirella in laboratory experiment I.
Chloro thalonil has been documented to
1.90
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Figure 3. Effect of chlorothalonil on tadpole liver health and immunity. Density of liver tissue (A) and number
of melanomacrophages and granulocytes in the liver (B) of O. septentrionalis tadpoles exposed to several
concentrations of chlorothalonil [0.0164 (n = 9), 0.164 (n = 4), 1.64 (n = 6), 16.4 (n = 5), 82.0 (n = 5), and 164 μg/L
(n = 3) and controls (water and solvent combined (n = 6)]. Values shown are mean ± SE and best-fit lines.

Environmental Health Perspectives t

VOLUME 119 | NUMBER 8 | August 2011

least squares means ± 1 SE. Means were averaged
across the three chlorothalonil exposure durations
(4, 28, and 100 hr), except for the 164 μg/L concentration, where only the 4 hr duration mean is shown
because longer exposure killed the tadpoles. Also
shown is the significant third-order polynomial
function (y = 1.886571 + 0.035582x – 0.000668x2 +
0.000003x3) for the relationship between chlorothalonil concentration and log corti costerone,
adjusted for the effect of exposure duration. The
corticosterone level for the 164 μg/L concentration is underestimated because it is the only mean
based on 4 hr, rather than an average of 44 hr,
of chloro thalonil exposure, and corti costerone
increased significantly and log-linearly with the
duration of chlorothalonil exposure (coefficient
for log exposure duration = 0.269). Concentrations
with different lowercase letters are significantly
different from one another by Fisher’s LSD multiple
comparison test (n = 13, 5, 7, 6, and 2 for 0, 0.164,
16.4, 82.0, and 164 μg/L, respectively).
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chlorothalonil and provided the first indication of a non monotonic dose–mortality
response for this pesticide (Figure 2A). We
conducted a follow-up experiment using
three amphibian species, this time preventing
heterospecific interactions. This experiment
had 80–100% survival of the control tadpoles,
simplifying data interpretation. It revealed
that all three species were highly susceptible
to chlorothalonil, with the EEC causing 100%
mortality of each species in < 10 hr of exposure. Moreover, in this experiment, we found
evidence of nonmonotonic dose responses
for mortality and full-body measurements of
corticosterone, with low and high levels elevating both responses. Finally, in our mesocosm
study, both the 164 and 328 µg/L concentrations significantly reduced amphibian survival,
suggesting that the laboratory results might be
relevant to effects in nature. Together, these
four experiments indicate that amphibians, in
general, are susceptible to the EEC of chlorothalonil and that even low concentrations can
cause amphibian mortality and physiological
stress responses.
Our finding that amphibians are sensitive to chlorothalonil is consistent with studies
examining the sensitivity of aquatic vertebrates
and invertebrates to chlorothalonil. For several fish species, 48- and 96-hr LC50 values are
< 20 µg/L and LOECs are near 1 µg/L chlorothalonil (Caux et al. 1996). The 48-hr LC50 for
Bufo bufo japonicas was 160 µg/L (Hashimoto
and Nishiuchi 1981). Daphnia magna had
delayed reproduction when exposed to 32 µg/L
(Ernst et al. 1991); in fathead minnows
≥ 6.5 µg/L chlorothalonil decreased the number of eggs per spawn, egg hatchability, and
fry survival (as cited by Grabusky et al. 2004).
The LOEC for H. cinerea and R. sphenocephala
survival in our study was 10,000 times less
than the EEC (0.0164 µg/L; Figure 2C) and
was the lowest concentration we tested. Hence,
we did not test low enough concentrations to
detect a no observable effect concentration for
the survival of these two species.
Three of the four amphibian species that
we tested showed evidence of a nonmonotonic
dose–mortality response to chloro thalonil
(O. septentrionalis, Figure 2A; H. cinerea
and R. sphenocephala, Figure 2C), with low
and high levels causing significantly greater
mortality than did intermediate levels and
controls. Furthermore, for all species and
experiments, the low-dose increase in mortality occurred within a single order of magnitude (either 0.016 or 0.16 µg/L). Although
the non monotonic dose response for survival was observed for O. septentrionalis in
only one of the two experiments (laboratory
experiment I; these experiments used different conditions and source populations), in
the experiment where O. septentrionalis did
not exhibit a nonmonotonic dose response
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for survival (laboratory experiment II), it did
exhibit a nonmonotonic dose response for
corticosterone. Hence, the non monotonic
response was consistent and reproducible both
within and across species, but whether lowdose exposure to chlorothalonil and the associated stress response cause mortality appears
to be context dependent. Nonmonotonic
responses are important because they defy
the traditional toxicological assumption that
higher concentrations of a contaminant always
cause greater harm. Nonmonotonic patterns
have been observed previously in response to
chlorothalonil (Shelley et al. 2009) and other
agrochemicals (Storrs and Kiesecker 2004).
Nonmonotonic responses can be caused by
multiple mechanisms, affecting responses differently at different doses, or by endocrine
disruption (Welshons et al. 2003). Indeed,
the Canadian Wildlife Service concluded that
chlorothalonil might qualify as an endocrine
disruptor because it has the potential to interfere with endogenous hormones and enzymes
and is an immuno modulator (Grabusky
et al. 2004). However, the mechanism or
mechanisms underlying nonmonotonic dose
responses in this study remain unknown.
In addition to mortality, chlorothalonil
was associated with immunomodulation of
the surviving O. septentrionalis tadpoles. This
finding is consistent with DNA damage to
mononuclear leukocytes of farmers 1 day after
spraying chlorothalonil (Lebailly et al. 1997)
and with studies of chlorothalonil-induced
immunosuppression of fish and marine invertebrates (Baier-Anderson and Anderson 2000).
Increases in chlorothalonil concentration up
to 17.6 µg/L, concentrations to which humans
are commonly exposed (Daly et al. 2007),
were associated with reduced liver granulocytes and melanomacrophages in tadpoles,
whereas further increases in chlorothalonil
caused increased numbers of liver granulocytes
and melanomacrophages (Figure 3B). This
increase in immune cells might be in response
to chlorothalonil-induced liver damage, based
on our observations of decreased O. septentrionalis liver density at these higher concentrations [see Supplemental Material, Figure S2
(doi:10.1289/ehp.1002956)]. Alternatively,
the increase in immune cells might itself have
contributed to liver damage, because high levels of melanomacrophages and granulocytes
can cause tissue damage (Rose et al. 1999).
Although not yet studied, it is possible that
exposure to chlorothalonil could reduce tolerance and resistance to parasites, which has
been shown for wildlife and humans exposed
to other agrochemicals (Dietert et al. 2010;
Rohr et al. 2008b). If so, this could further
reduce tadpole survivorship.
To our knowledge, we provide the first
evidence that chlorothalonil elevates corticosterone. The significant nonmonotonic dose

response of corticosterone to chlorothalonil
was qualitatively similar to the mortality
responses we observed in this study, underlining the consistent presence of nonmonotonic
responses to this chemical. However, we
do not know the direction of causation.
Approaching mortality could have resulted
in a systemic stress response that altered corticosterone and immune parameters; changes in
corticosterone and immune parameters could
have caused the mortality; or both of these
scenarios could have occurred. Mortality at
the highest concentrations of chlorothalonil
seemed to occur too quickly to be mediated
by corticosterone. However, it is plausible
that corticosterone could have been involved
in the mortality and immune cell changes
observed at low concentrations of chlorothalonil. First, corticosterone is known to
cause elevations in circulating granulocytes
in other animals (Davis et al. 2008), either
by inducing proliferation or by efflux from
cell reservoirs. Second, continuously elevated
corticosterone has manifold negative effects
on health, including muscle atrophy, reduced
neurogenesis, and immune suppression or
dysregulation (Martin 2009). Lastly, glucocorticoids, including corticosterone, are commonly elevated in response to stressors, natural
and anthropogenic (Martin et al. 2010), and
even in cases where elevations are insufficient
to cause mortality, they can generally compromise health, even in humans (Wingfield
and Sapolsky 2003). Although we cannot say
with certainty whether the immuno logical
effects observed in this study were mediated
by corticosterone, we strongly advocate future
efforts to assess the role of chlorothalonil and
glucocorticoids as potential endocrine disruptors, especially as disruptors of the immune
system and disease resistance.
Although pesticides have been suggested
as a cause of amphibian declines, there are
few convincing cases in which pesticides
cause high enough mortality at environmentally realistic concentrations to directly affect
amphibian populations (Belden et al. 2010;
Rohr et al. 2006b). Sometimes even high
mortality of larval amphibians can have little
observable effect on the population because
of density-mediated compensation, in which
survivors of a factor experience lower mortality than do control animals after the stressor is removed because of less competition
for resources (Rohr et al. 2006b). However,
based on amphibian demographic models
that incorporate negative density dependence (Vonesh and De la Cruz 2002), the
level of EEC-induced mortality reported here
would likely reduce amphibian population
sizes. Given that chlorothalonil caused nearly
100% mortality at the EEC, caused significant mortality at concentrations four orders
of magnitude below the EEC, and caused
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immunomodulation in surviving individuals,
exposure to this chemical has the potential
to both directly and indirectly cause amphibian declines. Indeed, frog die-offs have been
reported after chlorothalonil applications to
cranberry bogs (Winkler et al. 1996), and in
neotropical montane regions where amphibians are declining, chlorothalonil has been
regularly detected at levels that caused significant mortality in the present study (Daly et al.
2007). This makes chlorothalonil a plausible
contributor to declines, although additional
work is needed to demonstrate a causal link.
Given these findings and similarities between
the vital systems of amphibians and humans,
we encourage future studies to quantify the
effects of chlorothalonil on amphibian populations and human health.
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Table S1. Parameter values used in the USEPA
GENEEC v2 software to calculate a generalized
expected environmental concentration (EEC).
GENEEC Parameter
Chlorothalonil
depth of incorporation (0-6 in)
0
a
spray quality
fine: EFED
20-50:
nozzle height (in.)
a
EFED
Bravo
Trade name
Weather Stik
Crop
potato
Rate (pounds of active
ingredients/acre taken from
specimen label)
Number of applications
Times between applications
koc
Soil half-life (days)
Wetted application?
Application method
No spray zone (feet)
Solutbility (mg/L)
Aquatic half-life (days)
Hydrolysis half-life (days)
Photolysis half-life (days)
Peak EEC (!g/L)
a
Default in the program

1.25
9
5
b
1380
b
90
Yes
Ground
a
spray
0
b
0.6
d
8.8
d

38
164

b

http://extoxnet.orst.edu/
USDA
d
Spectrum Laboratories Inc., http://www.speclab.com/
c

!

Mesocosm Experiment Methods
Zooplankton and algal inoculations occurred three weeks before the start of the experiment.
Tadpole, insect, gastropod, and crayfish were housed in artificial spring water in aquaria in the
laboratory, until addition to the mesocosms at the start of the experiment (the day pesticides were
applied). All of the organisms added to the tanks were collected from ponds within 1 km of
N28o06.759’ W082o23.014’, near the transition of suburban and rural environments but not near
any agriculture. Tadpole densities used in this experiment were selected to match those
commonly observed in the field (pers. obs. by Taegan McMahon).
Standardized dip net sampling of each tank was conducted three days after the start of the
experiment to quantify any rapid mortality associated with the treatments. Three samples were
collected from, and returned to, each tank and separate nets were used for each treatment. To
avoid transfer of microrganisms among tanks within each treatment, nets were also thoroughly
disinfected after sampling each tank (potassium permanganate treatment followed by rinses with
Novaqua® and tap water).
The Hillsborough County Water Resource Services Environmental Laboratory (15610
Premiere Dr. Tampa, FL 33624) also quantified nitrogenous compounds, total nitrogen, total
phosphorous, and calcium collected from control tanks at the start of the experiment (data in
Table S3). Dissolved oxygen, pH, and temperature were quantified at dawn and dusk from every
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tank during experimental weeks two and four (Corning 313 pH/temp Meter and Ecosense YSI
DO 2000 (EcoEnvironmental, Perth, Australia) data provided in Table S4).
We saw high control mortality in the Mesocosm Experiment; this may have been due to
predation in the tanks. This mortality was accounted for in all of the analyses run, and high
mortality is often seen in natural settings.

Table S2. Organisms added to the each cattle tank in
the beginning of the mesocosm experiment excluding
zooplankton and algae.
Taxa
Amount
Amphibians
Rana sphenocephala tadpoles
10
Osteopilus septentrionalis tadpoles
25
Arthropods
Anax junius nymphs
Belostoma flumineum adults
Water scorpion adults
Libellulid nymphs
Crayfish juveniles
Corixidae sp. adults

2
2
3
1
3
10

Gastropods
Planorbella trivolvis adults
Planorbella scalaris adults
Viviparus georgianus adults
Melanoides tuberculata adults
Pomacea caniculata adults

9
10
10
20
6

Plants
Hydrilla verticillata
Utricularia macrorhiza

250 g
250 g

!

Table S3. Quantified water quality
measurements from pooled water
samples collected from control tanks
at the start of the Mesocosm
experiment.

!
Water Quality
Measurement (!g/L)
!
Calcium
Nitrate
Nitrite
Total Kjeldahl Nitrogen
Total Nitrogen
Total Phosphorous

Control
39000
77
61
30
370
60

3

94!
!

!
Table S4. Mean values (±SE) for dissolved oxygen, pH, and temperature; quantified at dawn and dusk
during experimental weeks two and four in the Mesocosm experiment.

DO (ppm)
pH
Temperature
o
( C)

Control
(n=8)
Dawn
Dusk
Mean ±SE Mean ±SE
3.98 0.38 4.66 0.61
7.60 0.07 7.69 0.23

172 !g/L
351 !g/L
Chlorothalonil (n=4)
Chlorothalonil (n=4)
Dawn
Dusk
Dawn
Dusk
±SE Mean ±SE mean ±SE
Mean ±SE Mean
4.39 0.28
5.87 0.33 4.21 0.41 4.88 0.52
7.68 0.09
7.75 0.14 7.67 0.11 7.65 0.18

28.16 0.20 29.93 1.21 28.13 0.14

30.31 0.14 28.04 0.17 30.03 0.23

Laboratory Experiment I: Methods and Statistical Analysis
The chemical concentration of the chlorothalonil stock (stock used for serial dilutions) was
verified by Mississippi State Chemical Lab (Box CR Miss. State, MS 39762; spiked recovery
efficiencies: 95%). All main effects and interactions were significant for percent survival
(Species: F1,30=25.96, P<0.001; Chlorothalonil: F5,30=8.06, P<0.001; Species x chlorothalonil:
F5,30=3.82, P=0.009; Figure 2A) and time to death (Species: F1,30=9.52, P=0.004; Chlorothalonil:
F5,30=35.21, P<0.001; Species x chlorothalonil: F5,30=3.30, P=0.017; Figure 2B). For O.
septentrionalis, survival was non-monotonic with low and high concentrations causing
significantly greater mortality than intermediate concentrations and controls (Fig. 2A). This nonmonotonicity was supported by polynomial regression, which produced a significant quadratic
term for concentrations <16.4µg/L (log chlorothalonil: F1,9=22.04, P=0.001, log chlorohtalonil2:
F1,9=22.02, P=0.001).
Laboratory Experiment II: Methods and Statistical Analysis
Rana sphenocephala and H. cinerea were collected from multiple clutches from the same pond
as described in Laboratory Experiment I, but O. septentrionalis tadpoles were obtained from
three clutches oviposited in water-filled wading pools left uncovered in a fenced section of the
University of South Florida Botanical Gardens (N28o03.537’ W082o25.410’). Tadpoles from
multiple clutches of each species were thoroughly mixed before being distributed among
replicates in the experiment. Dissolved oxygen was not quantified because, in our experience,
the small volume (300 mL) and high surface area to volume ratio provides close to saturated
dissolved oxygen conditions.
No individuals survived in the 176µg/L treatment, and their bodies were too degraded to
be sectioned and stained for liver quantification. Hence, we exposed six individually-housed O.
septentrionalis tadpoles to 164 µg/L of chlorothalonil for just seven hours (using the same
procedures as in Laboratory Experiment II), a sublethal exposure duration. These individuals
were euthanatized and their bodies were embedded, sectioned, and H&E stained at Moffitt
Cancer Center &Research Institute (12902 Magnolia Dr. Tampa, FL 33612; as described in main
text).
For Laboratory Experiment II, we fit third-order polynomial functions to the full doseresponses (including the highest concentrations), but we do not present these models because the
third-order fits often unrealistically exceeded 100% survival. Time to death could not be
analyzed for Laboratory Experiment II because it was a missing cells design (i.e., for each
species some levels of chlorothalonil had no mortality).
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All main effects and interactions were significant for percent survival (Species:
F2,123=82.53, P<0.001; Chlorothalonil: F6,123=57.45, P<0.001; Species x chlorothalonil:
F12,123=5.20, P<0.001; Figure 2C, see Figure S1 for mortality through time). For R.
sphenocephala, 0.164µg/L caused significantly more mortality than each adjacent concentration
and there was a significant quadratic term for the dose response <97µg/L (log chlorothalonil:
F1,49=9.93, P=0.003, log chlorohtalonil2: F1,49=8.67, P=0.005). For H. cinerea, 0.0164µg/L
caused significantly more mortality than each adjacent concentration and, like for R.
sphenocephala, there was a significant quadratic term for the dose response (<16.4µg/L; log
chlorothalonil: F1,21=6.82, P=0.016, log chlorohtalonil2: F1,49=7.43, P=0.013).
Chlorothalonil concentration was associated quadratically with immune responses
(Chlorothalonil: Wilk’s F2,43=9.84 P<0.001, Chlorothalonil2: Wilk’s F2,43=14.20 P<0.001;
Figure 3B). This quadratic relationship was observed for both melanomacrophages
(Chlorothalonil: F1,40=14.09 P<0.001, Chlorothalonil2: F1,40=18.75 P<0.001) and granulocytes
(Chlorothalonil: F1,40=10.38 P=0.002, Chlorothalonil2: F1,40=16.66 P<0.001; Figure 3B)
Corticosterone Experiment: Methods
Tadpoles were obtained by pouring the water from each jar through a net, and the tadpoles were
immediately transferred to a beaker of 10% benzocaine sitting in dry ice. This immediately
euthanatized and flash froze the animals with a handling time of typically less than 10 seconds,
which is not expected to affect corticosterone levels. Each homogenized tadpole (homogenized
with a Power Gen 125 homogenizer, Fisher Scientific) was extracted twice with a 7:3 ethyl ether
- petroleum ether cocktail (4ml per 1ml homogenate). The supernatant was removed from the
water fraction by freezing the water and decanting the ether cocktail, which was collected in a
13x100mm glass vial and dried under a pure nitrogen stream at 40ºC. The purpose of the
petroleum ether was to help separate the fats into a monolayer so we could effectively collect the
steroid layer, and the freezing cycle helped to precipitate out excess fat and other unwanted
compounds.
A corticosterone EIA kit was then used to quantify hormone levels in each sample (Assay
Designs: cat# 900-097, Ann Arbor, Michigan). Immediately before running the assay, dried
samples were reconstituted in 500 µL of Assay Buffer 15, mixed with 12.8 µL of steroid
displacement buffer, and vortexed vigorously. This reconstituted sample extract (50 µl) was then
added to wells (along with enzyme conjugate and other reagents) and incubated for 1h, during
which the corticosterone binds to the antibody attached to the plate well. Next the plate was
washed three times with washing buffer, leaving an empty and colorless well prior to the
addition of reactive reagents to complete the assay. Plates were read using a 48-well ELISA plate
reader (Bio-Tek, Winooski, VT). Samples were run in duplicate following the manufacturer’s
instructions for the EIA kit, and standard curves for each run of the assay (n = 2) spanned a
20,000-32 pg range. Inter-assay variation was 11.6%, and intra-assay variation was 7.6%.
We added 250µCi of tritiated corticosterone to each sample prior to the extraction step, to
allow us to determine the efficacy of the extraction protocol. Following the extraction and
reconstitution steps, we used a scintillation counter to measure the amount of “hot” steroid
remaining in 100 µL of each reconstituted sample. We then compared this value to a reading
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from a non-extracted reference sample (i.e. 2000 cpm) to determine the percent of corticosterone
that was lost or bound by lipids during the extraction process. Recoveries varied among
individual tadpoles, as expected due to large among-tadpole variations in lipids, but were
consistent among replicates of the same homogenates during pilot studies.
It is important to recognize that extractions from tadpole homogenates contain some
compounds in addition to corticosterone that might influence ELISA assay results. These might
include compounds that cross-react with the anti-corticosterone antibodies, or compounds that
inhibit corticosterone binding to the antibodies. Cross-reactivity was probably minor, given that
the only steroid other than corticosterone with more than 2% cross-reactivity is
deoxycorticosterone (28.6% cross-reactivity), which is also released during a typical stress
response but at low levels relative to other stress hormones (Reddy 2006). The possible presence
of inhibitors, which might include lipids and other compounds, is more difficult to assess and
might vary according to tadpole size and stage. However, tadpoles were of similar stages in this
experiment in addition to being randomly assigned to treatments, so inhibitors were almost
certainly randomly distributed across treatments. Therefore, any inhibitors present in the
extracted samples should increase random variation in the assay, making it more difficult to
detect treatment effects in the experiment. Hence, if inhibitors were present, they should have
increased the chances of a false negative, not a false positive, result.
Reddy, D. S. 2006. Physiological role of adrenal deoxycorticosterone-derived neuroactive
steroids in stress-sensitive conditions. Neuroscience 138:911-920.
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Figure S1. Survival of tadpoles in Laboratory Experiment II through time. Survival of Hyla cinerea (A),
Osteopilus septentrionalis (B), and Rana sphenocephala (C) exposed to several concentrations of
chlorothalonil (0.0164, 0.164, 1.64, 16.4, 82.0, and 164 µg/L) and controls (water and solvent presented
together) for Laboratory Experiment II. Shown are the means (±SE).
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Figure S2. Representative photomicrographs of sectioned and stained livers of Osteopilus septentrionalis
in control (A) and 164 µg/L chlorothalonil (B) treatments for Laboratory Experiment II. Note the
difference in liver density between the photomicrographs.
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APPENDIX G: Chytrid fungus Batrachochytrium dendrobatidis has nonamphibian
hosts and releases chemicals that cause pathology in the absence of infection

Chytrid fungus Batrachochytrium dendrobatidis has
nonamphibian hosts and releases chemicals that cause
pathology in the absence of infection
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lthough some pathogens are highly host-speciﬁc, those infecting multiple host species can profoundly affect disease
dynamics by increasing pathogen persistence, virulence, and
movement between host populations (1). Furthermore, when
there are multiple hosts for a pathogen, some can serve as reservoir hosts. Reservoir hosts can sustain the parasite when particular hosts of interest are absent or temporarily resistant to
infection and are often necessary for pathogens to drive other
host populations or species extinct (2, 3).
The chytrid fungus Batrachochytrium dendrobatidis is an example of a parasite that putatively causes host extinctions. Indeed, it has been implicated in the declines of hundreds of
amphibian species worldwide (4-10). B. dendrobatidis is able to
persist without amphibian hosts (11, 12), which could prevent
successful amphibian reintroductions (3). One possible mechanism for persistence is the presence of nonamphibian hosts of
B. dendrobatidis. B. dendrobatidis is generally thought of as an
amphibian specialist that consumes host keratin for sustenance
(13), despite it commonly being maintained in the laboratory on
nonkeratinized media, such as tryptone. Numerous vertebrate
and invertebrate taxa possess keratin or keratin-like compounds
in their gastrointestinal (GI) tracts (14). Hence, it is not surprising that previous researchers have hypothesized that there
might be nonamphibian hosts or vectors of B. dendrobatidis (15,
16). However, this idea appeared to be temporarily abandoned
after Rowley et al. (17) retracted their initial report of the detection of B. dendrobatidis on nonamphibian hosts (18). Recently,
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it was reported that B. dendrobatidis can be carried on algae (12),
terrestrial reptiles (19), waterfowl (20), and nematodes (21), but
there is currently no evidence that these carriers actually supported pathogen growth or transmission, which would be necessary
to explain the long-term persistence of B. dendrobatidis in the
absence of amphibians. Other studies have grown B. dendrobatidis
on boiled snake skin (11, 22), sterilized bird feathers (23), and toe
scales from waterfowl (20), but none of these studies demonstrated
B. dendrobatidis growth on live hosts with functioning immune
systems. Consequently, we lack studies that demonstrate B. dendrobatidis growth on living, nonamphibian hosts, transmission of
B. dendrobatidis from these hosts to amphibians, and links between
nonamphibian hosts and B. dendrobatidis prevalence in the ﬁeld.
Here, we test whether mosquitoﬁsh (Gambusia holbrooki) and
crayﬁsh (Procambarus spp. and Orconectes virilis) are hosts for B.
dendrobatidis by ﬁeld-collecting each species, examining them for
embedded zoosporangia, screening them for B. dendrobatidis
using quantitative (q)PCR, and testing for associations between
crayﬁsh and B. dendrobatidis occurrence in nature. We selected
these species because they cooccur with many amphibian species
and have been widely introduced beyond their native ranges (24).
We then attempted to experimentally infect mosquitoﬁsh and
crayﬁsh (Procambarus alleni) with B. dendrobatidis and determined whether these potential hosts could transmit B. dendrobatidis to amphibians.
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Batrachochytrium dendrobatidis, a pathogenic chytrid fungus implicated in worldwide amphibian declines, is considered an amphibian
specialist. Identiﬁcation of nonamphibian hosts could help explain
the virulence, heterogeneous distribution, variable rates of spread,
and persistence of B. dendrobatidis in freshwater ecosystems even
after amphibian extirpations. Here, we test whether mosquitoﬁsh
(Gambusia holbrooki) and crayﬁsh (Procambarus spp. and Orconectes virilis), which are syntopic with many amphibian species,
are possible hosts for B. dendrobatidis. Field surveys in Louisiana
and Colorado revealed that zoosporangia occur within crayﬁsh gastrointestinal tracts, that B. dendrobatidis prevalence in crayﬁsh was
up to 29%, and that crayﬁsh presence in Colorado wetlands was
a positive predictor of B. dendrobatidis infections in cooccurring
amphibians. In experiments, crayﬁsh, but not mosquitoﬁsh, became
infected with B. dendrobatidis, maintained the infection for at least
12 wk, and transmitted B. dendrobatidis to amphibians. Exposure to
water that previously held B. dendrobatidis also caused signiﬁcant
crayﬁsh mortality and gill recession. These results indicate that
there are nonamphibian hosts for B. dendrobatidis and suggest that
B. dendrobatidis releases a chemical that can cause host pathology,
even in the absence of infection. Managing these biological reservoirs for B. dendrobatidis and identifying this chemical might provide new hope for imperiled amphibians.

Results and Discussion
We found B. dendrobatidis+ Procambarus spp. (P. alleni and P.
clarkii) in three of the ﬁve southeastern Louisiana sites sampled
in September 2011 and in one of two sites sampled in April 2012.
Conservative estimates of average prevalence based on qPCR of
swabs from the carapace and GI tract and light microscopy of the
GI tracts were 17.3% and 10% for these two surveys, respectively
(see Table S1 for information by site and mean B. dendrobatidis
intensity data and SI Methods). The crayﬁsh from all of the B.
dendrobatidis+ Louisiana sites had distinct zoosporangia with
discharge tubules in their GI tracts (Fig. 1A). During light microscopy, the zoosporangia could not be rinsed away and did not
move independent of the GI tract when agitated with a probe
(Fig. 1A), and histological sections veriﬁed that these zoosporangia were embedded in the GI tract of the crayﬁsh (Fig. 1B).
The zoosporangia grew colonially just below the GI epithelial
surface (Fig. 1B), similar to their growth in frog skin. Furthermore,
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Fig. 1. Light microscopy of laboratory-infected and
wild-caught P. alleni (collected in September) (A),
a histological section of a wild-caught Procambarus
spp. intestinal tract embedded with developing
B. dendrobatidis (collected in April) (B) and an uninfected intestinal tract (C). (A) The laboratoryinfected P. alleni have thin solid borders, the wildcaught Procambarus spp. have thick solid borders,
and the same life stages grown in culture have dashed
borders. Light microscopy images show zoosporangia ﬁlled with developing zoospores (a), encysted
zoospore beginning to form rhizoids (b), and empty
zoosporangia (c); arrows point to potential zoospore
discharge tubules on the zoosporangia. (B and C)
Histology images are stained with hematoxylin and
eosin, and B shows what appears to be developing
zoosporangia that grew colonially just below the GI
epithelial surface.

crayﬁsh that were considered B. dendrobatidis+ based on light
microscopy were also B. dendrobatidis+ based on qPCR. Despite
B. dendrobatidis prevalence in crayﬁsh being >17% in September,
frogs (n = 11) collected at the same time from these sites were
B. dendrobatidis− (see Table S1 for information by site). The fact
that we did not detect B. dendrobatidis on the frogs is consistent
with a multisite seasonal survey in southeastern Louisiana that
showed that B. dendrobatidis prevalence on amphibian skin
approaches zero in September, despite being high (∼45%) in the
spring (Fig. S1 and SI Methods). These results suggest that crayﬁsh
could function as hosts for B. dendrobatidis during the time of the
year when B. dendrobatidis prevalence in amphibians is low, supporting the hypothesis that crayﬁsh are reservoir hosts for
this pathogen.
Field-collected crayﬁsh (O. virilis) from two of three sites
surveyed in Colorado in May 2012 also had embedded zoosporangia with discharge tubules visible in their GI tracts (Fig.
S2). A conservative estimate of prevalence based on light microscopy was 20%, although sample inhibition prevented veriﬁcation of B. dendrobatidis presence by qPCR (SI Text). To test
whether Orconectes spp. (O. virilis and Orconectes immunis)
presence was a positive predictor of B. dendrobatidis infections in
amphibians, we sampled 97 wetlands in Colorado, swabbing
9,174 amphibians for B. dendrobatidis (representing ﬁve species;
SI Methods). Amphibians were B. dendrobatidis+ at 40 wetlands,
2 of 6 | www.pnas.org/cgi/doi/10.1073/pnas.1200592110

including six sites with positive results from more than one amphibian species (see Table S2 for frequency of positive results
among species). The occurrence of Orconectes spp. was a significant positive predictor of B. dendrobatidis detection in one or
more amphibian species (χ2 = 10.87; df = 1; P = 0.001; Fig. 2A).
There was no evidence of overdispersion, and no other variables,
including larval amphibian density, occurrence of bullfrogs (a
known reservoir host for B. dendrobatidis), wetland area, or amphibian species richness, signiﬁcantly improved model ﬁt. When
included as univariate predictors, each of these variables had
ΔAICc (Akaike information criterion) values of >7.2 relative to
the crayﬁsh-only model, reinforcing the hypothesis of a positive
association between crayﬁsh and B. dendrobatidis infections.
To test whether B. dendrobatidis could use crayﬁsh carapace
and GI tract as a resource, B. dendrobatidis growth was quantiﬁed on agar alone, agar plus autoclaved crayﬁsh carapace, and
agar plus autoclaved crayﬁsh GI tracts. B. dendrobatidis grew and
reproduced for a minimum of 7 d (the duration of the experiment) on agar mixed with crayﬁsh carapace or GI tracts but died
within 3 d on the plates containing only agar (Fig. S3), verifying
that B. dendrobatidis can be sustained on crayﬁsh tissues in the
absence of an immune response.
To test whether P. alleni and G. holbrooki could be infected
with B. dendrobatidis, noninfected P. alleni and G. holbrooki were
exposed to either B. dendrobatidis+ or B. dendrobatidis− water for
McMahon et al.
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Fig. 2. Relationship between crayﬁsh and amphibian B. dendrobatidis
infections in the ﬁeld and the effects of B. dendrobatidis on crayﬁsh survival
in the laboratory. (A) Percentage of wetlands with positive and negative B.
dendrobatidis detections in the amphibian community as a function of crayﬁsh (O. virilis) presence or absence (positive upper 95% conﬁdence interval for
a proportion). Ninety-seven wetlands were sampled with 40 yielding a positive
detection of B. dendrobatidis in one or more amphibian species. All wetlands
categorized as being negative for B. dendrobatidis had a minimum of 20
amphibians tested. (B) Percentage of survival through time of the crayﬁsh
P. alleni when exposed to B. dendrobatidis+ (Bd+) (n = 44) or B. dendrobatidis−
(Bd−) inoculates (n = 21). (C) Path model suggesting that effect of B. dendrobatidis load on time to death was mediated by gill recession. Probability
values and unstandardized path coefﬁcients are provided next to each path.

2 wk, after which they were transferred to new containers with B.
dendrobatidis− artiﬁcial spring water (ASW) (25) and were given
weekly water and container changes to ensure that we were not
detecting the initial B. dendrobatidis inoculate. After 7 wk, animals
McMahon et al.

were euthanized and swabbed externally and internally (GI tract),
and B. dendrobatidis load (genome equivalents) on the swabs was
determined using qPCR.
No G. holbrooki (n = 13 per treatment) were B. dendrobatidis+
nor did any die during the experiment. In contrast, 91% of
B. dendrobatidis–exposed P. alleni (n = 44) had detectable B. dendrobatidis based on qPCR, whereas no control P. alleni were
B. dendrobatidis+ (n = 21). By week 7, B. dendrobatidis–exposed
P. alleni experienced 36% mortality compared with 0% mortality
in the controls (χ21 = 15.53; P < 0.0001; Fig. 2B). Moreover,
100% of the dead and 84% of the live B. dendrobatidis–exposed
P. alleni were B. dendrobatidis+ and the P. alleni that died had
higher B. dendrobatidis loads at their time of death than the loads
of P. alleni that lived with the infection (χ21 = 28.03; P < 0.001;
mean log10 B. dendrobatidis intensity ± SE: dead external, 3.31 ±
0.33; dead internal, 2.90 ± 0.47; live external, 2.63 ± 0.33; live
internal, 0.58 ± 0.39). Light microscopy of the GI tract of P. alleni
revealed zoosporangia ﬁlled with zoospores, empty zoosporangia
with discharge tubules, and encysting zoospores (Fig. 1A), demonstrating infection of the crayﬁsh GI tract. No zoosporangia
were found in control P. alleni (Fig. 1C for uninfected section
of GI tract).
To examine whether P. alleni could transmit B. dendrobatidis to
amphibians, we exposed uninfected tadpoles to either infected or
uninfected P. alleni (three tadpoles per replicate crayﬁsh). The
frogs were collected as egg masses from a B. dendrobatidis–free
pond and maintained in the laboratory under B. dendrobatidis–free
conditions until the experiment began. B. dendrobatidis was successfully transmitted from infected P. alleni to tadpoles in 7 of 10
replicates (crayﬁsh mean log10 external intensity ± SE: 2.07 ± 0.66;
mean log10 intensity/tadpole mouthpart ± SE: 0.79 ± 0.07),
whereas all 12 tadpoles in the four replicates with uninfected
P. alleni were negative for B. dendrobatidis.
Examination of the gills of P. alleni from our initial infection
experiment revealed that the B. dendrobatidis–exposed crayﬁsh,
especially those that died early in the experiment, had signiﬁcantly more gill recession (mean distance between epithelium
and gill tip ± SE: 1.15 ± 0.4 μm; n = 18; Fig. S4A) than did those
that were not exposed to B. dendrobatidis (mean ± SE: 0.12 ±
0.12 μm; n = 7; Fig. S4B; see Fig. 2C for statistics). To test
whether death alone or fouling of the crayﬁsh between death and
preservation could explain the gill recession, a group of P. alleni
were euthanized by pithing and allowed to sit for 24 h (n = 5).
These crayﬁsh had no more gill recession than the crayﬁsh that
were not exposed to B. dendrobatidis (mean ± SE: 0.06 ± 0.007
μm; Fig. S4C), suggesting that death alone or fouling of the
crayﬁsh between death and preservation could not explain the
gill recession. This suggests that gill recession contributed to B.
dendrobatidis–induced mortality rather than mortality causing
the gill recession. Indeed, a path model supports the hypothesis
that B. dendrobatidis exposure indirectly lead to reduced survival
time by causing gill recession that was a negative predictor of
time of death (Fig. 2C). Gill damage has been associated with
other crayﬁsh parasitic infections (26), where it reduced gill
functioning and oxygen intake resulting in acute mortality (27).
Although B. dendrobatidis exposure seemed to cause gill recession, B. dendrobatidis was not observed to infect the gills directly. Consequently, as Berger et al. (28) hypothesized in their
seminal study discovering B. dendrobatidis, we postulated that B.
dendrobatidis might be producing a factor that can cause pathology in the absence of actual infection; for instance, B. dendrobatidis produces proteolytic enzymes known to degrade host
tissues (22, 29-31). To test this hypothesis, we exposed P. alleni to
(i) an unﬁltered B. dendrobatidis+ inoculum, (ii) a B. dendrobatidis+
inoculum where all of the zoospores and zoosporangia were removed with a 0.7 μm ﬁlter, or (iii) a control B. dendrobatidis− inoculum ﬁltered through a 0.7 μm ﬁlter (n = 5 per treatment). We
found that the ﬁltered and unﬁltered B. dendrobatidis+ inocula
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induced similar, elevated levels of gill recession compared with
the B. dendrobatidis− inoculum (F2,11 = 17.28; P = 0.0004; Fig.
3A and Fig. S4D). Moreover, all of the crayﬁsh exposed to the
ﬁltered and unﬁltered B. dendrobatidis+ inocula died within 3 d,
whereas all of the crayﬁsh exposed to the ﬁltered B. dendrobatidis− control inoculum survived until the end of the 4-d
experiment (χ21 = 16.01; P = 0.0003; Fig. 3B). The higher
mortality seen in this experiment (100%) compared with the
infection experiment (36%) was probably because we exposed
the crayﬁsh to a ﬁltered B. dendrobatidis inoculum that previously had more B. dendrobatidis zoospores than used in the
infection experiment (1.2 × 105 and 1.2 × 103 zoospores per
milliliter, respectively). We conducted a follow up dose–response
experiment, exposing two separate populations of P. alleni to
serially diluted, ﬁltered B. dendrobatidis+ inocula (concentration
of zoospores removed: 106, 1.5 × 105, 105, 104, 103, 102 zoospores
per milliliter; n = 4, n = 10, n = 10, n = 11, n = 10, and n = 9,
respectively) and a ﬁltered B. dendrobatidis− control inoculum
(n = 10). We found that the populations responded similarly and
that the concentration of B. dendrobatidis ﬁltered from the inoculum was associated positively with molting frequency (χ21 =
4.26; P = 0.03; Fig. S5), gill recession (F1,51 = 33.28; P < 0.001;
Fig. 3C), and mortality (χ21 = 26.49; P < 0.0001; Fig. 3D; see SI
Text for caveat on population-level differences). Molting might be
an important stage for parasitic infections (32) because after
molting, crayﬁsh have a soft exoskeleton and might be immunosuppressed (33). These results indicate that B. dendrobatidis can
induce pathology in the absence of direct host contact or infection. This could help explain rapid mortality of tadpoles (within
48 h) exposed to B. dendrobatidis (34) and amphibian pathology
associated with B. dendrobatidis exposure without infections (e.g.,
refs. 35 and 36). Whether these pathology-inducing chemicals
released by B. dendrobatidis are known proteases (22, 29–31) and
are the cause of B. dendrobatidis–induced electrolyte imbalance
and cardiac arrest in amphibians (37) remains to be tested.
Building upon the results of our initial infection experiment,
we conducted a 12-wk study to evaluate whether P. alleni could
maintain B. dendrobatidis infections long-term and thereby potentially function as reservoir hosts. At 7 wk, 89% (25/28) of
B. dendrobatidis–exposed P. alleni were B. dendrobatidis+. At 12
wk, 64% (18/28) of B. dendrobatidis–exposed P. alleni had
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survived and 22% (4/18) of those survivors still had detectable
B. dendrobatidis (mean log10 internal intensity ± SE: 1.79 ± 0.20;
Fig. S6), indicating that some P. alleni cleared the infection,
whereas others maintained the infection for at least 3 mo. Although there was a signiﬁcant decrease in external B. dendrobatidis
load between weeks 7 and 12 (χ21 = 18.53; P < 0.0001; Fig. S6),
there was a signiﬁcant increase in internal B. dendrobatidis loads
over this same time period (χ21 = 6.37; P = 0.01; Fig. S6). Between
weeks 7 and 12, control P. alleni gained weight, whereas P. alleni
exposed to B. dendrobatidis lost weight (mean mass change between 7 and 12 wk ± SE; control: 11.56 ± 12.1%; B. dendrobatidis–
exposed: −10.63% ± 14.4%; F1,12 = 7.97; P = 0.01), indicating
a cost of infection even for the surviving individuals. Whereas the
gill recession described above is likely the cause of the acute
crayﬁsh mortality, B. dendrobatidis infections of the GI tract might
have contributed to the reduced growth rates of surviving P. alleni.
Overall, our results indicate that crayﬁsh become infected
with B. dendrobatidis in nature, can maintain these infections
for months in the laboratory, and can transmit infections to
amphibians. Furthermore, crayﬁsh presence was a positive predictor of B. dendrobatidis occurrence in cooccurring amphibians
among ﬁeld sites in Colorado, even after considering competing
factors such as host density or amphibian reservoir hosts (e.g.,
bullfrogs). Previous studies investigating potential nonamphibian
hosts for B. dendrobatidis have not (i) tested live nonamphibian
species with functioning immune systems, (ii) demonstrated B.
dendrobatidis growth on nonamphibian species, or (iii) transmitted
B. dendrobatidis from any nonamphibian host to amphibians. Our
study is unique in demonstrating all three.
Mathematical models indicate that alternative hosts can allow for increased pathogen virulence and can cause host
extinctions because the pathogen can persist in the remaining
host species (2, 3). This might explain why B. dendrobatidis is so
virulent, causes host extirpations, and can persist in local environments after amphibians have been extirpated. The abundance and distribution of alternative hosts might also help
explain geographic variation in the distribution and rates of
spread of B. dendrobatidis. For example, both crayﬁsh and B.
dendrobatidis–related amphibian declines are more common in
stream than pond systems (38, 39). Additionally, crayﬁsh infection with B. dendrobatidis might explain how crawﬁsh frogs
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Fig. 3. Effects of an unﬁltered B. dendrobatidis+
inoculum, a B. dendrobatidis+ inoculum where all
of the zoospores and zoosporangia were removed,
and a B. dendrobatidis− inoculum on P. alleni gill
recession (distance between epithelium and gill tip)
(A) and mortality (B). Dose–response relationship
between B. dendrobatidis inocula with all of the
zoospores and zoosporangia removed and P. alleni
gill recession (C) and mortality (D). Values are mean
±1 SE. Shown is the best ﬁt line in C and a logistic
regression ﬁt [y = exp(−7.1962833 + (1.4220071 × x)/
(1 + exp(−7.1962833 + (1.4220071 × x))] in D.
McMahon et al.
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Methods
General. All crayﬁsh (mean initial mass ± SE: 3.35 ± 0.75 g) in the laboratory
studies were exposed to B. dendrobatidis isolate SRS 812 (isolated from Lithobates catesbeianus; see SI Methods for B. dendrobatidis culture and inoculation methodology) and were maintained individually in 1-L polyethylene
containers ﬁlled with 500 mL of ASW (25) at 23 °C and on a 14:10 h light:dark
cycle. All of the crayﬁsh and tadpoles were fed organic spinach ad libitum and
were checked daily for mortality. Zoospore densities in the B. dendrobatidis+
inoculums were estimated with a hemocytometer and were diluted with
deionized water to the targeted concentrations in each experiment (Table S3).
Crayﬁsh and mosquitoﬁsh were euthanized by freezing and MS222 overdose, respectively, were swabbed externally (30 swipes from the snout to tail)
and internally (15 swipes of the entire length of the inside of the GI tract), and
were preserved individually. In between each swab, gloves were cleaned with
10% bleach and rinsed with 1% Novaqua (neutralizes the bleach) and then
water. To ensure that the GI tract was not contaminated with B. dendrobatidis
from the exoskeleton or scales, they were removed with sterilized forceps by
one experimenter and were swabbed by a second experimenter. B. dendrobatidis abundance on swabs was determined using qPCR following the
methods of Hyatt et al. (42) (see SI Methods for qPCR methodology).
Crayﬁsh Screening. P. alleni and P. clarkii (9–20 crayﬁsh per site from ﬁve sites
in September 2011 and 10 crayﬁsh per site from two sites in April 2012) were
collected from southeastern Louisiana (Table S1). O. virilis (4–18 crayﬁsh per
site from three sites in May 2012) were collected from Colorado (Table S1).
Crayﬁsh were swabbed externally and internally (GI tract) as described
above, and light microscopy, histology (see SI Methods), and qPCR were used
to determine prevalence and abundance of B. dendrobatidis.
Colorado Field Surveys. Between 2007 and 2010, 97 wetlands distributed
across an 11 county region of Colorado were sampled to evaluate the importance of biotic and abiotic factors in predicting B. dendrobatidis occurrence on amphibians (Table S2). Standard methods (visual encounter
surveys, dip-net sampling, and seine hauls; SI Methods) were used to characterize amphibian and invertebrate communities (43) over the course of
two visits to each site. Larval, metamorphic, or adult amphibians were tested
for B. dendrobatidis using nonlethal swabs followed by a qPCR assay (SI
Methods). The goal was to detect B. dendrobatidis when present rather than
to estimate prevalence; thus, species swabs were batch-pooled for each
wetland and targeted a minimum of 20 swabbed individuals per site.
B.dendrobatidis Culture and Inoculation. B. dendrobatidis inoculum was prepared by growing 1 mL of B. dendrobatidis stock (strain SRS 812 isolated
from L. catesbeianus) on a 1% tryptone agar plate for 8 d at 23 °C. Each
plate was ﬂooded with 3 mL of ultrapure water to suspend the zoospores
and the water from each plate was homogenized to generate the B. dendrobatidis+ inoculum. The B. dendrobatidis− inoculum was simultaneously
prepared using the same method but no B. dendrobatidis was added to the
agar plates (see Table S3 for zoospore concentrations).
Infection Experiment. We collected G. holbrooki and P. alleni from a pond in
Tampa, FL (28°06.759′N, 082°23.014′W) that is free of B. dendrobatidis. Each
McMahon et al.

animal received 10 mL of either the B. dendrobatidis− inoculum (control;
G. holbrooki: n = 13; P. alleni: n = 12) or the B. dendrobatidis+ inoculum (G.
holbrooki: n = 13; P. alleni: n = 22). After 2 wk of exposure to B. dendrobatidis
with no water changes, all animals were moved to new containers with fresh
B. dendrobatidis− ASW for 5 more weeks and water and container changes
occurred weekly. The animals were weighed at the end of the experiment.
The gills from each crayﬁsh were removed and photographed (100×
magniﬁcation). The greatest distance between the epithelium and the external surface of the gill was measured on three randomly selected gill ﬁlaments per crayﬁsh using ImageJ software. A follow-up study was conducted to
determine whether gill recession was an artifact of animal death and/or
fouling of B. dendrobatidis–exposed animals (given that no control animals
died during the experiment). Five P. alleni (collected from the same Tampa, FL
population) were euthanized (pithed) and held for 24 h in the same conditions
as the control animals in the experiment. The gills were removed and the
distance between the epithelium and the external surface of the gill was then
measured as described above.
B.dendrobatidis Culture Experiment. B. dendrobatidis was cultured on agar
plates containing either (n = 3 per treatment) autoclaved crayﬁsh GI tract,
autoclaved crayﬁsh carapace, 1% tryptone (positive control), or agar alone
(negative control) to test whether B. dendrobatidis is able to use these
substrates for growth and reproduction (SI Methods). Each plate was inoculated with B. dendrobatidis (SI Methods), maintained at 23 °C for 7d, and
monitored daily for zoospore activity. On day 7, each plate was ﬂooded with
7 mL of ultrapure water to suspend all zoospores. A 150-μL aliquot was
taken from each plate and the number of living zoospores was counted
using a hemocytometer.
Transmission Experiment. Three L. sphenocephalus egg masses were collected
from a B. dendrobatidis–free pond (28°06.759′N, 82°23.014′W) and raised in
the laboratory under B. dendrobatidis–free conditions until the tadpoles
reached Gosner (44) stage 28 (SI Methods). Three tadpoles were haphazardly
selected and placed in each of fourteen 1-L polyethylene cups ﬁlled with 750
mL of ASW. One P. alleni was added to each of these cups directly above the
tadpoles (B. dendrobatidis+: n = 10; B. dendrobatidis−: n = 4; these crayﬁsh
were also part of the infection maintenance experiment and were veriﬁed
7 wk after exposure to be B. dendrobatidis+ or B. dendrobatidis− by external
swabs) and crayﬁsh and tadpoles were separated by a window screen to
prevent predation. The crayﬁsh were placed above the tadpoles to ensure
that the crayﬁsh feces dropped into the foraging arena of the tadpoles. After
5 d, the species were separated and the tadpoles were maintained in separate
1-L polyethylene cups ﬁlled with 750 mL of B. dendrobatidis− ASW for 10 d.
Tadpoles were euthanized in MS222, and their mouthparts were removed and
stored in 70% (vol/vol) ethanol for qPCR analysis. The P. alleni were maintained
in B. dendrobatidis− ASW until 12 wk after the initial B. dendrobatidis exposure, at which time they were euthanized, weighed, and swabbed (these
crayﬁsh were used in the infection maintenance experiment as well).
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(Lithobates areolatus) obtained B. dendrobatidis infections while
overwintering in crayﬁsh burrows (40).
Although more work is needed to generalize these results and
the role of crayﬁsh in B. dendrobatidis epizootics in amphibians,
alternative hosts might help elucidate the emergence of the global
B. dendrobatidis pandemic. Crayﬁsh are regularly moved among
water bodies as ﬁsh bait (41), and crayﬁsh are regularly transported nationally and internationally in the live food, aquaculture,
and aquarium and pond trade, where crayﬁsh escapes and releases
are not uncommon (24). These different methods of live crayﬁsh
relocations could rapidly move B. dendrobatidis great distances
and contribute to the global B. dendrobatidis pandemic. Most
efforts to conserve and restore amphibian populations challenged
by B. dendrobatidis have been unsuccessful, but managing alternative hosts offers a new and potentially more effective approach
to managing B. dendrobatidis. Likewise, identifying the speciﬁc
pathology-inducing chemical released by B. dendrobatidis might
facilitate the development of new strategies to reduce the risk
posed by this devastating pathogen.

Filtered B. dendrobatidis Experiment. P. alleni housed in 500 mL of ASW were
exposed to 15 mL of each of the following: (i) a B. dendrobatidis+ inoculum
(1.2 × 105 zoospores/mL); (ii) a B. dendrobatidis+ inoculum (1.2 × 105 zoospores/mL) where all of the zoospores and zoosporangia were removed with
a 0.7 μm ﬁlter (G6 Glass Fiber Filter; Fisher Scientiﬁc); or (iii) a control B.
dendrobatidis− inoculum ﬁltered through a 0.7-μm ﬁlter (n = 5). All inocula
were prepared as described in SI Methods, and the crayﬁsh were exposed to
the ﬁltered inocula 10 min after ﬁltering was complete. Fifteen 20-μL aliquots
of the ﬁltered B. dendrobatidis+ inoculum were examined for B. dendrobatidis
using a compound microscope and a hemocytometer, and none had any detectable zoospores or zoosporangia. The exposures lasted 4 d, after which, the
crayﬁsh were euthanized and gill recession was assessed as described above.
Filtered B. dendrobatidis Dose–Response Experiment. This experiment was run
in two temporal blocks where crayﬁsh were exposed to serially diluted ﬁltered B. dendrobatidis+ inocula or a ﬁltered B. dendrobatidis− control inoculum. For block 1, P. alleni were purchased from The Marine Warehouse
(Tampa, FL), and the exposure lasted for 22 d (concentration of zoospores
removed: 1.5 × 105, 105, 104, 103, 102 zoospores per milliliter; n = 6, n = 6, n =
7, n = 6, and n = 6, respectively; B. dendrobatidis− control: n = 6). For block 2,
P. alleni were collected from the same population used in the Filtered B.
dendrobatidis experiment, and exposures lasted for 9 d (concentration of
zoospores removed: 106, 105, 104, 103, 102 zoospores per milliliter; n = 4, n =
4, n = 4, n = 4, and n = 3, respectively; B. dendrobatidis− control: n = 4). For
both blocks, the crayﬁsh were exposed to the inocula 25 min after ﬁltering
was complete, and ﬁfteen 20-μL aliquots of the ﬁltered B. dendrobatidis+
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inoculum were examined for B. dendrobatidis as described above, and none
had any detectable zoospores or zoosporangia. Gill recession was assessed as
described above.
Infection Maintenance Experiment. P. alleni were housed and exposed to either
B. dendrobatidis− or B. dendrobatidis+ inoculum (B. dendrobatidis−: n = 9; B.
dendrobatidis+: n = 28) using the same methodology as described for the infection experiment, except that 7 wk after initial exposure, animals were
swabbed externally (to verify infection), and 12 wk after initial exposure, animals were euthanized and swabbed internally and externally (as described
above). After the week 7 swabbing, a subset of these P. alleni (B. dendrobatidis+:
n = 10; B. dendrobatidis−: n = 4) were selected for use in the transmission trials.

We analyzed weight change between weeks 7 and 12. We conducted a path
analysis to evaluate the level of support for the hypothesis that B. dendrobatidis exposure was indirectly related to crayﬁsh death via gill recession
[using the Lavaan package in R (45)]. We tested whether population and
log10 concentration of ﬁltered B. dendrobatidis inoculum affected crayﬁsh
mortality and molting compared with the ﬁltered controls with Cox proportional hazards regression (function: coxph). We also tested whether log10
concentration of ﬁltered B. dendrobatidis affected log10 gill recession with
a linear regression model (function: lm). Statistical analyses were conducted
in R statistical software (45).

Statistical Analysis. For the Colorado survey, we used generalized linear
models with a binomial response and a logit-link function to test whether
crayﬁsh presence (Orconectes spp.), bullfrog (L. catesbeianus) presence, larval amphibian density (summed among species; log10-transformed), wetland
area (log10-transformed), and amphibian species richness were signiﬁcant
predictors of B. dendrobatidis occurrence in amphibians at each wetland. In
the laboratory experiments, we tested for the effect of B. dendrobatidis
exposure on crayﬁsh survival using censored survival regression, using
a Weibull distribution. Analysis of variance was used to determine whether
B. dendrobatidis exposure affected weight change relative to the controls.
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SI Methods
Several lines of evidence support a lack of Batrachochytrium
dendrobatidis in the crayﬁsh and tadpoles before their use in the
experiment: (i) we collected amphibians as egg masses and
reared them in the laboratory in a B. dendrobatidis–free environment; (ii) we have never collected B. dendrobatidis positive
amphibians or crayﬁsh from the Tampa, FL area; and (iii) all 12
of the control tadpoles in the transmission study were free of
B. dendrobatidis according to qPCR.
Amphibian Seasonal Prevalence. Amphibians (n = 449) from ﬁve
sites in southeastern Louisiana were captured, swabbed for
B. dendrobatidis presence, and released at eight time points
during the 11 mo before crayﬁsh sampling (number amphibians
per month: November: 31; December: 57; February: 55; March:
95; April: 76; June: 28; August: 50; and September: 57; Fig. S1).
Quantitative PCR for Procambarus and Gambusia. We followed the
procedure described by Hyatt et al. (1) to quantify B. dendrobatidis using qPCR (with a StepOne Real-Time PCR System;
Applied Biosystems). DNA was extracted from the swabs or
tadpole mouthparts with 40 μL of PrepMan Ultra (Applied Biosystems). The tissue samples were beat with 30 g of 0.5-mm
zirconia/silica beads (BioSpec Products) using a bead beater
(Disruptornie; Scientiﬁc Industries) for 45 s and then centrifuged
at 15,871 × g for 30 s (repeated two additional times). All
samples were diluted 1:100 to reduce PCR inhibition. We added
TaqMan Exogenous Internal Positive Control Reagents (Applied Biosystems) to every reaction well to assess inhibition of
the PCR (1). There was no inhibition in any of these reactions.
Quantitative PCR for Orconectes. We followed the procedure described by Hyatt et al. (1) to quantify B. dendrobatidis in Colorado
crayﬁsh using qPCR as described above (see the section Quantitative PCR Procambarus and Gambusia). However, all crayﬁsh
samples were inhibited at both 1:100 and 1:1,000 dilutions, and
only one of 41 samples was detected as weakly positive. We then
processed all of the extracted DNA samples with GeneReleaser
(BioVentures), a product developed to reduce inhibition of PCR
reactions (also used in ref. 2). We processed the extracted DNA
samples twice following the general GeneReleaser protocol and
then again following the GeneReleaser 96-well plate protocol,
which includes a microwaving step. All samples remained inhibited. We then spiked the extracted crayﬁsh DNA samples
with known quantities of B. dendrobatidis DNA (640, 64, 6.4 and
0.64 zoospores, respectively; n = 10). On the same plate, samples
of the B. dendrobatidis DNA used to spike the crayﬁsh samples
were run alone as a positive control. The B. dendrobatidis DNA
was ampliﬁed appropriately when run in the absence of the extracted DNA from Orconectes virilis. However, the samples with
known quantities of already extracted B. dendrobatidis DNA
added to the already extracted O. virilis DNA did not amplify and
again were inhibited. These results indicate that there is something in the O. virilis samples that inhibits the qPCR reaction even
when puriﬁed with GeneReleaser and diluted. Given this information, we believe that the qPCR assay, in its current form, is not
an accurate way to estimate prevalence in these samples, leading
us to rely on light microscopy results for the O. virilis samples.
Colorado Wetland Surveys. Wetland surveys were conducted in
Colorado to determine the distribution of amphibian species, the
chytrid fungal pathogen (B. dendrobatidis), and macroinvertebrates,
McMahon et al. www.pnas.org/cgi/content/short/1200592110

including crayﬁsh (Orconectes spp.). In total, 97 wetlands were
surveyed between 2007 and 2010 in a variety of landscapes including grasslands, forested sites, suburban areas, and agricultural areas across 11 counties (Boulder, Larimer, Routt, Rio
Grande, Rio Blanco, Moffat, Jefferson, Gilpin, Garﬁeld, Douglas, and Broomﬁeld). Wetland sites ranged in elevation from
high plains regions (1,519 m) to montane regions (up to 3,140
m). A ﬁeld crew comprised of three to four people sampled all
wetlands between the months of May and August using the same
sampling protocol (established by 3). At each wetland, a visual
encounter survey (VES) was conducted to establish the presence
any and all stages of amphibians. During the VES, the perimeter
was walked of each wetland and recorded the number and species of all amphibians seen or heard within 3 m of shoreline, as
well as the presence of crayﬁsh near the water’s edge. Dip-net
sweeps were conducted by pulling a 1.4-mm mesh size dip net
rapidly through the water in a 1.5-m line perpendicular to the
shore. Dip-net sweeps were conducted every 15 m around the
circumference of the pond. The contents of each sweep were
placed into a white plastic tray and recorded the number and
identity of all larval and adult amphibians captured as well as
macroinvertebrates. Amphibians encountered in the surveys included: western chorus frog (Pseudacris triseriata), northern
leopard frog (Lithobates pipiens), Woodhouse’s toad (Anaxyrus
woodhousii), tiger salamander (Ambystoma tigrinum), and the
nonnative North American Bullfrog (Lithobates catesbeianus).
Macroinvertebrates encountered included two species of crayﬁsh, O. virilis and O. immunis. In many wetlands with accessible,
shallow edge-habitat, three seine net hauls (with a net measuring
0.8 × 2 m) were completed, by stretching the net between two
people and dragging it a distance of 3–8 m. The number and
identity of all amphibians and macroinvertebrates captured in
each seine net haul were recorded. At each site, amphibians
were sampled to test for the presence of B. dendrobatidis, using
a nondestructive swabbing technique following the protocol described in Johnson et al. (3). Across all sites and amphibian
species, 9,174 amphibian individuals were swab sampled (Table
S2); the aim was to swab 20 individuals per species per site to
maximize our detection of B. dendrobatidis. Site-level presence/
absence of B. dendrobatidis was of interest rather than prevalence per site, and so samples were pooled per amphibian species
per site. The Qiagen Blood and Tissue Kit was used for DNA
extraction, and a PCR assay was used to detect the presence of
B. dendrobatidis at each site following the method described by
Annis et al. (4). After completion of sampling at each pond, all
waders, nets, and other equipment were decontaminated with
a 10% bleach solution and the gear was sun-dried to reduce the
risk of spreading material and pathogens between wetlands.
Microscopy and Histology of Procambarus Intestines. The GI tract
from each crayﬁsh was removed and opened lengthwise, and all
fecal matter was cleared away. The tissue was washed with
deionized (DI) water and the sample was ﬁxed in 70% (vol/vol)
ethanol. Using a compound microscope, zoosporangia were located within the GI tract. To verify that the zoosporangia were
embedded in the tissue, they were rinsed with DI water and
agitated with a probe. The GI tract was then ﬁxed in 10% formalin, embedded in parafﬁn wax, and sections (5 μm thick) were
plated and stained with hematoxylin and eosin.
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SI Results
The Cox-proportional hazards model did not detect any differences between the two populations in time of death. However,
this is likely a product of censoring crayﬁsh that did not die by the
end of the shorter of the two experiments. Two separate generalized linear models were conducted with log10 concentration
(continuous predictor) and population as crossed factors and
mortality (binomial error distribution) or days alive (normal
error distribution) as response variables. Crayﬁsh that survived
until the end of the experiment were assumed to die the day after
the last day of the experiment, which is a conservative estimate
of their true time of death. For mortality, concentration (χ21 =
21.75; P < 0.0001) and the interaction between concentration
and population were signiﬁcant (χ21 = 7.44; P = 0.006), but the

main effect of population was not (χ21 = 0.933; P = 0.334). The
interaction seemed to be driven by greater mortality at lower
concentrations for the Marine Warehouse population relative to
the Tampa population, but most of this occurred later in the
experiment and, thus, could simply be attributable to the differences in the durations of the studies (9 vs. 22 d). For day of
death, there were signiﬁcant effects of concentration (F1,56 =
9.65; P = 0.003) and population (F1,56 = 139.99; P < 0.0001), but
the interaction was not signiﬁcant (F1,56 = 0.030; P = 0.863).
The effect of population was driven by individuals from the
Tampa population that died during the experiment dying sooner
when exposed to the B. dendrobatidis inoculate (mean ± SE:
2.25 ± 0.25 d) than individuals from the Marine Warehouse population (mean ± SE: 11.43 ± 2.05 d).

1. Hyatt AD, et al. (2007) Diagnostic assays and sampling protocols for the detection of
Batrachochytrium dendrobatidis. Dis Aquat Organ 73(3):175–192.
2. Kirshtein JD, Anderson CW, Wood JS, Longcore JE, Voytek MA (2007) Quantitative PCR
detection of Batrachochytrium dendrobatidis DNA from sediments and water. Dis
Aquat Organ 77(1):11–15.

3. Johnson PT, et al. (2011) Regional decline of an iconic amphibian associated with
elevation, land-use change, and invasive species. Conserv Biol 25(3):556–566.
4. Annis SL, Dastoor FP, Ziel H, Daszak P, Longcore JE (2004) A DNA-based assay identiﬁes
Batrachochytrium dendrobatidis in amphibians. J Wildl Dis 40(3):420–428.
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Fig. S1. Seasonality of B. dendrobatidis (Bd) prevalence in amphibians collected from Southeastern Louisiana (n = 31, 57, 55, 95, 76, 28, 50, 57 per month,
respectively). Means ± 95% CI.

A

B

Fig. S2. B. dendrobatidis on the intestinal wall of wild caught O. virilis. (A) Developing zoosporangia. (B) Empty zoosporangia. Images were taken by T.A.M.
and M.B.J.

McMahon et al. www.pnas.org/cgi/content/short/1200592110

2 of 6

108!
!

A

B

C

Fig. 2. Relationship between crayﬁsh and amphibian B. dendrobatidis
infections in the ﬁeld and the effects of B. dendrobatidis on crayﬁsh survival
in the laboratory. (A) Percentage of wetlands with positive and negative B.
dendrobatidis detections in the amphibian community as a function of crayﬁsh (O. virilis) presence or absence (positive upper 95% conﬁdence interval for
a proportion). Ninety-seven wetlands were sampled with 40 yielding a positive
detection of B. dendrobatidis in one or more amphibian species. All wetlands
categorized as being negative for B. dendrobatidis had a minimum of 20
amphibians tested. (B) Percentage of survival through time of the crayﬁsh
P. alleni when exposed to B. dendrobatidis+ (Bd+) (n = 44) or B. dendrobatidis−
(Bd−) inoculates (n = 21). (C) Path model suggesting that effect of B. dendrobatidis load on time to death was mediated by gill recession. Probability
values and unstandardized path coefﬁcients are provided next to each path.

2 wk, after which they were transferred to new containers with B.
dendrobatidis− artiﬁcial spring water (ASW) (25) and were given
weekly water and container changes to ensure that we were not
detecting the initial B. dendrobatidis inoculate. After 7 wk, animals
McMahon et al.

were euthanized and swabbed externally and internally (GI tract),
and B. dendrobatidis load (genome equivalents) on the swabs was
determined using qPCR.
No G. holbrooki (n = 13 per treatment) were B. dendrobatidis+
nor did any die during the experiment. In contrast, 91% of
B. dendrobatidis–exposed P. alleni (n = 44) had detectable B. dendrobatidis based on qPCR, whereas no control P. alleni were
B. dendrobatidis+ (n = 21). By week 7, B. dendrobatidis–exposed
P. alleni experienced 36% mortality compared with 0% mortality
in the controls (χ21 = 15.53; P < 0.0001; Fig. 2B). Moreover,
100% of the dead and 84% of the live B. dendrobatidis–exposed
P. alleni were B. dendrobatidis+ and the P. alleni that died had
higher B. dendrobatidis loads at their time of death than the loads
of P. alleni that lived with the infection (χ21 = 28.03; P < 0.001;
mean log10 B. dendrobatidis intensity ± SE: dead external, 3.31 ±
0.33; dead internal, 2.90 ± 0.47; live external, 2.63 ± 0.33; live
internal, 0.58 ± 0.39). Light microscopy of the GI tract of P. alleni
revealed zoosporangia ﬁlled with zoospores, empty zoosporangia
with discharge tubules, and encysting zoospores (Fig. 1A), demonstrating infection of the crayﬁsh GI tract. No zoosporangia
were found in control P. alleni (Fig. 1C for uninfected section
of GI tract).
To examine whether P. alleni could transmit B. dendrobatidis to
amphibians, we exposed uninfected tadpoles to either infected or
uninfected P. alleni (three tadpoles per replicate crayﬁsh). The
frogs were collected as egg masses from a B. dendrobatidis–free
pond and maintained in the laboratory under B. dendrobatidis–free
conditions until the experiment began. B. dendrobatidis was successfully transmitted from infected P. alleni to tadpoles in 7 of 10
replicates (crayﬁsh mean log10 external intensity ± SE: 2.07 ± 0.66;
mean log10 intensity/tadpole mouthpart ± SE: 0.79 ± 0.07),
whereas all 12 tadpoles in the four replicates with uninfected
P. alleni were negative for B. dendrobatidis.
Examination of the gills of P. alleni from our initial infection
experiment revealed that the B. dendrobatidis–exposed crayﬁsh,
especially those that died early in the experiment, had signiﬁcantly more gill recession (mean distance between epithelium
and gill tip ± SE: 1.15 ± 0.4 μm; n = 18; Fig. S4A) than did those
that were not exposed to B. dendrobatidis (mean ± SE: 0.12 ±
0.12 μm; n = 7; Fig. S4B; see Fig. 2C for statistics). To test
whether death alone or fouling of the crayﬁsh between death and
preservation could explain the gill recession, a group of P. alleni
were euthanized by pithing and allowed to sit for 24 h (n = 5).
These crayﬁsh had no more gill recession than the crayﬁsh that
were not exposed to B. dendrobatidis (mean ± SE: 0.06 ± 0.007
μm; Fig. S4C), suggesting that death alone or fouling of the
crayﬁsh between death and preservation could not explain the
gill recession. This suggests that gill recession contributed to B.
dendrobatidis–induced mortality rather than mortality causing
the gill recession. Indeed, a path model supports the hypothesis
that B. dendrobatidis exposure indirectly lead to reduced survival
time by causing gill recession that was a negative predictor of
time of death (Fig. 2C). Gill damage has been associated with
other crayﬁsh parasitic infections (26), where it reduced gill
functioning and oxygen intake resulting in acute mortality (27).
Although B. dendrobatidis exposure seemed to cause gill recession, B. dendrobatidis was not observed to infect the gills directly. Consequently, as Berger et al. (28) hypothesized in their
seminal study discovering B. dendrobatidis, we postulated that B.
dendrobatidis might be producing a factor that can cause pathology in the absence of actual infection; for instance, B. dendrobatidis produces proteolytic enzymes known to degrade host
tissues (22, 29-31). To test this hypothesis, we exposed P. alleni to
(i) an unﬁltered B. dendrobatidis+ inoculum, (ii) a B. dendrobatidis+
inoculum where all of the zoospores and zoosporangia were removed with a 0.7 μm ﬁlter, or (iii) a control B. dendrobatidis− inoculum ﬁltered through a 0.7 μm ﬁlter (n = 5 per treatment). We
found that the ﬁltered and unﬁltered B. dendrobatidis+ inocula
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Fig. S4. Procambarus alleni exposed to B. dendrobatidis have signiﬁcantly more gill damage than those that were not exposed to B. dendrobatidis. (A)
Crayﬁsh gills exposed to B. dendrobatidis (died early in the experiment). (B) Gills of control, B. dendrobatidis–free crayﬁsh that survived until the end of the
experiment. (C) Gills of control, B. dendrobatidis–free crayﬁsh that were euthanized by pithing and left to foul for 24 h to demonstrate that gill damage was
not caused by animal death or fouling. (D) Gills from a crayﬁsh exposed to a B. dendrobatidis+ inoculum where all of the zoospores and zoosporangia were
removed with a 0.7-μm ﬁlter.
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Fig. S5. Molting occurrence in P. alleni exposed to a B. dendrobatidis+ (Bd) inoculum where all of the zoospores and zoosporangia were removed with a 0.7μm ﬁlter (concentration of zoospores removed: 0, 106, 1.5 × 105, 105, 104, 103, 102 zoospores per milliliter). Provided is the logistic regression ﬁt [y = exp
(−4.0064963 + (0.548814368 × x)/(1 + exp(−4.0064963 + (0.548814368 × x))].

Fig. S6. Internal (inside the GI tract) and external B. dendrobatidis (Bd) load (shown is mean log zoospore equivalents ± SE) in P. alleni 7 and 12 wk after
exposure.

Table S1. Infection intensity and prevalence of B. dendrobatidis by site in amphibians and crayﬁsh
Collection
Month and
state
year collected

GPS location
for site

Louisiana September 2011

28°09.384′N,
82°19.378′W
30°06.450′N,
90°26.463′W
29°53.313′N,
89°57.358′W
30°06.450′N,
90°29.453′W
29°53.438′N,
89°57.892′W
30°108′N, 90°435′W
29°89′N, 89°95′W
40o012′N, 105o245′W
39°978′N, 105°230′W
40.009′N, 105.245′W

Louisiana September 2011
Louisiana September 2011
Louisiana September 2011
Louisiana September 2011
Louisiana
Louisiana
Colorado
Colorado
Colorado

April 2012
April 2012
May 2012
May 2012
May 2012

No. of Collection
crayﬁsh method*

Crayﬁsh infection B. dendrobatidis
Amphibian infection
intensity
prevalence in No. of amphibians
intensity
(log10 GE ± SE)
crayﬁsh (%) (amphibian genus)
(log10 GE ± SE)

17

SNW

1.52 ± 0.36

29.4

1 (Acris)

0±0

20

SNW

1.43 ± 0.34

10

9 (Rana)

0±0

11

SNW

0±0

0

0

N/A

8

SNW

1.19 ± 0

12.5

1 (Gastrophryne)

0±0

15

SNW

0±0

0

0

N/A

10
10
4
18
18

SNW
SNW
BCTs
BCTs
BCTs

0±0
12.01 ± 0
N/A
N/A
N/A

0
10
50
0
11.1

0
0
0
0
0

N/A
N/A
N/A
N/A
N/A

Procambarus spp. was collected from southeastern Louisiana, and O. virilis was collected from Colorado. N/A, not available.
*Collection method: BCTs, baited crayﬁsh traps; SNW, sweep netting the entire boarder of wetland.
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Table S2. Colorado amphibians swabbed for B. dendrobatidis as a function of species and
life stage
Species
A. tigrinum
A. woodhousii
P. triseriata
L. catesbeianus
L. pipiens

Stage

No. swabbed

No. of sites

No. of sites B. dendrobatidis+

Adults
Larvae/metamorphs
Adults
Larvae/metamorphs
Adults
Larvae/metamorphs
Adults
Larvae/metamorphs
Adults
Larvae/metamorphs

214
2,760
21
663
18
3,294
23
1,104
57
1,020

13
48
13
17
16
48
22
40
36
23

6
3
3
1
7
3
5
10
10
0

Listed are the number of individuals swabbed and the number of wetlands at which that species-by-stage
combination was detected with B. dendrobatidis. Samples were batch-pooled by species and site. A total of 49
positive detections were recorded from 40 wetlands (of 97 total wetlands with at least 20 individual amphibians
swabbed).

Table S3. Concentration of zoospores used in each experiment
Experiment
Infection experiment
Maintenance experiment
Transmission experiment
Filtered B. dendrobatidis experiment
Filtered B. dendrobatidis dose–response experiment

McMahon et al. www.pnas.org/cgi/content/short/1200592110

Zoospore concentration
(zoospores per milliliter)
5.3 × 103
5.3 × 103
1.2 × 103
1.2 × 105
1 × 106
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APPENDIX I: Copyright permission from Proceedings of the National Academy of
Science for use of this manuscript in dissertation.
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